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Summary

RNA interference (RNAi) plays important roles in the nucleus in addition to its well-known
function in post-transcriptional gene silencing. In the fission yeast Schizosaccharomyces pombe, these
roles include transcriptional silencing of heterochromatin, chromosome segregation, and release of
RNA polymerase II (Pol II) from highly transcribed genes. Emerging evidence in recent years suggest
that nuclear RNAi has additional roles in maintaining genome stability beyond centromere function,
but a mechanistic insight is still lacking. Here, I show that Dicer (Dcrl) terminates promoter-proximally
paused Pol II in the presence of R-loops, thereby reducing transcription-replication conflicts (TRCs).
We found that dcrlA became hypersensitive to replication stress when R-loops accumulated. Using
classical genetic and genomic approaches, we showed that this was due to mis-regulated nascent
transcription dynamics. We discovered sRNA mapping to transcription start sites (TSSs) and
termination sites (TTSs), whose biogenesis depended on both Dcrl and RNase H. Argonaute (Agol)
was implicated in dcrlA-induced genome instability, as its deletion suppressed the genotoxic stress

phenotype of derlA.

We further characterized how Dcrl limits TRCs, and discovered this was in part mediated by
a novel function of the helicase/ATPase domain of Dcrl. In the absence of Dcrl, DNA breaks
accumulated around TSSs, and replication progressed more slowly genome-wide. At highly transcribed
regions, we found that dcrl/A accumulated more extensive fork resection, suggesting frequent
occurrence of fork stalling and reversal, and in head-on collisions, we observed a significant decrease
in replication speed. Overall, the results support the novel function of Decrl in terminating promoter-
proximal Pol II, thereby leaving way for DNA polymerase during replication. We hypothesize this
represents one of the ancient roles of Dicer before the emergence of silencing function via the RNAi

pathway.
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Chapter 1: Introduction

1.1 Overview

RNA interference (RNAi) is an ancient pathway that co-evolved with DNA and RNA
metabolic pathways across the evolutionary timescale. In this chapter, I will briefly describe the
evolutionary origin of RNAI, highlighting how individual components of the core RNAi pathway have
a distinct origin and therefore ancestral functions that are likely independent of its silencing function.
Next, I will provide an overview of the known roles of RNAI factors in maintaining genome stability,
ranging from promoting faithful chromosome segregation to coordinating responses to DNA damage.
In cycling cells, transcriptional activity is a significant source of genome instability, and the nature,
sources, and resolution of genome instability will be discussed. In the last section, I will describe the
transcription regulatory function of RNAI at the chromatin level, and, given its functions in maintaining
genome stability, a potential connection to limiting transcription-replication conflicts, which forms the

basis of my dissertation research.

1.2 The evolutionary origin of RNA interference

RNAI is the phenomenon that an RNA acts in a sequence-specific manner to suppress the
expression of a genetic element. Works in the past decades have tremendously expanded our
understanding of the mechanism of RNA1, and have delineated the core RNAi machinery as containing
a Dicer, Argonaute, and an RNA-dependent RNA polymerase (RdRP). Although gene silencing and
genome defense are the primary functions attributed to the RNAi machinery, it has a long, ancient

evolutionary history that predates its ‘canonical’ silencing function.

The last eukaryotic common ancestor (LECA) is believed to possess an intact RNAi pathway,
as RNAI genes are encoded in species spanning the eukaryotic tree of life (Cerutti and Casas-Mollano

2006; Shabalina and Koonin 2008). Research on RNAi had been focused on miRNA, owing to its

12



important roles in development and clinical relevance in human diseases (Ha and Kim 2014); however,
the siRNA pathway is more ancestral for at least two reasons. First, the plant and animal miRNA
pathways differ fundamentally in their biogenesis and function, and are thought to be exapted from a
functional proto-RNAi machinery (Axtell, Westholm, and Lai 2011; Shabalina and Koonin 2008).
Second, LECA possessed an RARP, which was involved in the siRNA, but not the miRNA pathway.
The ancestral function of RNAI, therefore, had long been attributed to innate immune defense against
viruses and transposable elements (TEs). In recent years, however, new phylogenetic and evolutionary
findings have challenged this view — instead of RNAi evolved to defend the genome, it was proposed
that the presence of RNAi permitted the expansion of genomic parasites (Torri et al. 2022). What then,
could be the ancestral function(s) of RNAi? Below, I describe the current understanding on the
evolutionary origin of Dicer, Argonaute, and RdRP, highlighting their newly discovered functions in

bacteria and archaea.

Argonuate was discovered in eukaryotes — it was named after the octopus Argonauta argo
because mutant Arabidopsis thaliana had curly leaves that resembled squid tentacles (Bohmert et al.
1998; Fagard et al. 2000). Soon prokaryotic homologs were identified (Cerutti, Mian, and Bateman
2000), and are now known to be present in all domains of life, although only in ~9% and ~32% of
bacteria and archaea respectively. Phylogenetic analyses suggested extensive horizontal gene transfer
in prokaryotes (Swarts, Makarova, et al. 2014). Prokaryotic Argonautes (pAgos) are highly diverse
compared to those in eukaryotes (eAgos). Notably, pAgos have diverse guide and substrate preferences:
whereas eAgos use RNA guide to target RNA, pAgos use also DNA-mediated DNA/RNA-targeting
and RNA-mediated DNA-targeting (Doxzen and Doudna 2017; Lisitskaya et al. 2022; Ma et al. 2005:5;
Swarts, Jore, et al. 2014). Most ascribed functions to pAgos are related to defense against viral/plasmid
infections, agreeing with observation that many pAgo genes are encoded within the genomic ‘defense
islands’ — clusters of genes related to defense (Makarova et al. 2009, 2011), although the majority of
pAgos remain poorly characterized.

13



pAgos are classified into long pAgos and short pAgos, of which the former is better
characterized. Long pAgos carry all the domains in eAgos, but unlike eAgos, the majority of long
pAgos are catalytically inactive (Swarts, Makarova, et al. 2014). To date, most studies focused on
catalytically active long pAgos, and they were implicated in genome defense via DNA guide-mediated
cleavage of foreign DNA (Kuzmenko et al. 2020). Long pAgo in Thermus thermophilus has also been
shown to facilitate replication termination and disentanglement of the circular chromosome, via its
DNA-guided DNA nuclease activity (Jolly et al. 2020). Inactive long pAgos are poorly characterized,
but when one such pAgo from Rhodobacter sphaeroides (RsAgo) was expressed in Escherichia coli, it
led to a decrease in transformation efficiency (Olovnikov et al. 2013); one hypothesis could be that
RsAgo bound directly to the plasmid DNA to mediate transcriptional silencing, or to recruit other

factors.

Short pAgos are predominantly (~94%) bacterial; they lack the N-terminal and PAZ domains,
and their PIWI domain is catalytically inactive as well (Koopal, Mutte, and Swarts 2023). Their
biological roles are only beginning to be unraveled, but most short pAgos studied so far are either fused
to a catalytic domain, or stably interacting with an effector protein, thereby exerting enzymatic activity
after target recognition. pAgos appear to mediate population-immunity by triggering cell death when
foreign DNA is recognized. This is done via diverse mechanisms. For example, short pAgos from clade
S1A are fused to a SIR2 domain, which depletes the cellular nicotinamide adenine dinucleotide (NAD)
pool upon target recognition (Zaremba et al. 2022). Sulfolobus islandicus pAgo (SiAgo), on the other
hand, activates a membrane protein Aga2 to disrupt membrane polarity upon viral infection (Zeng et

al. 2022).

Metagenomic and phylogenetic studies had illuminated the evolutionary history of Argonautes.
In 2017, multiple archaeal species were discovered from metagenomic sequencing, which formed a

14



monophyletic clade called Asgard (Zaremba-Niedzwiedzka et al. 2017). Notably, the study confidently
placed eukaryotes as descendants of Asgard archaea, supporting the two-domain hypothesis of
eukaryotic origin (Williams et al. 2013). Asgard archaea were found to encode diverse sets of proteins
previously thought of as eukaryotic signature protein (ESPs) (Liu et al. 2021; Zaremba-Niedzwiedzka
et al. 2017), and indeed, recent analyses suggested Asgard Argonautes (asAgo) as the ancestor of both
eukaryotic and bacterial long pAgos (Ledo et al. 2023). The ancient asAgo was inferred to possess a
highly conserved PIWI domain, but with a mutated catalytic tetrad (DEDX) and was therefore likely to
be inactive. This suggests that the slicer activity, and by extension, its role as the effector of the RNA-

induced silencing complex (RISC), was likely a derived trait.

Dicer, on the other hand, is a eukaryote-specific fusion protein with domains of bacterial and
archaeal origins (Shabalina and Koonin 2008). As in Argonautes, the ancestral functions of these
protein domains appeared very different. The C-terminus of Dicer contains two RNase III domains,
which are involved in cleaving double stranded RNA (dsRNA) and are almost exclusively found in
bacteria (Nicholson 2014). The primary function of bacterial RNase III is ribosomal RNA (rRNA)
processing, in which the stem-loop structures in the pre-TRNA are cleaved to promote efficient
maturation (Bubunenko et al. 2013). Beyond that, bacterial RNase III also recognizes a multitude of
dsRNA (Court et al. 2013). For example, RNase III targets the stem-loop structures formed at the 5’
and 3’ untranslated regions (UTRs) of many mRNA genes. Depending on the UTRs, this can either
activate or inhibit gene expression. In some cases it destabilizes the mRNA by making it available for
exonucleases (Régnier and Grunberg-Manago 1990), but in others it promotes ribosome binding by
removing the occluding stem-loops (Aristarkhov et al. 1996). Bacterial RNase III also recognizes
dsRNA formed when sRNA pairs with another RNA in trans. This is best illustrated in the clustered
regularly interspersed short palindromic repeat (CRISPR) system. Here, a sSRNA called tracrRNA base
pairs with spacer sequence between each guide RNA (gRNA); RNase III contributes to gRNA
maturation by processing the tracrRNA:spacer duplex (Deltcheva et al. 2011).
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The N-terminus of Dicer is a helicase, and its closest homolog is that of an archaeal protein,
Hef (Koonin 2017; Nishino et al. 2005; Shabalina and Koonin 2008; Sinha et al. 2018). Both belong to
the RIG-I-like subfamily of the superfamily 2 (SF2) helicase (Byrd and Raney 2012). Additionally, Hef
belongs to the XPF/Mus81/FANCM protein family, all containing a C-terminal ERCC4-like nuclease
domain and a tandem helix-hairpin-helix (HhH), domain (Ciccia, McDonald, and West 2008).
Supporting a common evolutionary origin, the helicase domains of Dicer, Hef, and FANCM all carry
an additional lobe (domain 2; Hel2i in Dicer) on top of the canonical two RecA-like folds found in all
SF2 helicases (Byrd and Raney 2012; Nishino et al. 2005; Sinha et al. 2018; Whitby 2010; Zapletal et
al. 2022). Hef is structurally most similar to the eukaryotic protein XPF, involved in nucleotide excision
repair (NER) and interstrand crosslink (ICL) repair (Ciccia et al. 2008), but is functionally more closely
related to Mus81 (Lestini, Duan, and Allers 2010), which participates in resolving stalled replication
fork (Munoz-Galvan et al. 2012; Roseaulin et al. 2008). Accordingly, the helicase of Hef has a clear
preference of binding branched DNA over linear double-stranded DNA (dsDNA) (Komori et al. 2002,
2004). Although orthologues of Hef are present in Asgard archaea (White and Allers 2018), it is unclear
whether the ancestor of Dicer’s helicase was capable of DNA metabolism. In fact, the primary sequence
of Dicer helicase and Hef are highly divergent, especially domain 2, which is thought to confer substrate

specificity to SF2 helicases (Nishino et al. 2005).

Lastly, despite phylogenetic analyses strongly suggesting eukaryotic RARP (eRdRP) is found
in LECA (Cerutti and Casas-Mollano 2006), homologs are very rare in bacteria and archaea (Shabalina
and Koonin 2008). Intriguingly, RdARPs are common in RNA viruses (VRdRP), but structural studies
suggested the two were unrelated: whereas the catalytic core of vVRARP carried the RNA-recognition
motif (RRM) domain (Krupovic, Dolja, and Koonin 2019), that of eRdARP was a double-psi p-barrel
(DPBB) domain instead (Salgado et al. 2006). DPBB domain is an ancient fold — possibly predates the
last universal common ancestor (LUCA) — that is found in the multi-subunit DNA-dependent RNA
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polymerases (DdRP) in all three domains of life, as well as in the family D DNA polymerase (PolD) in
Archaea (Koonin et al. 2020). Indeed, the closest identified homologs of eRdRP were DdRPs from
bacteriophages, and it was therefore hypothesized that eRdRP originated from a phage that infected the

proto-mitochondrial a-proteobacterium (Drobysheva et al. 2021; Iyer, Koonin, and Aravind 2003).

In summary, although identified as an integrated silencing machinery, the ancestral RNAi
proteins appeared to have evolved independently before being acquired — again, independently over a
long evolutionary timescale — by a proto-eukaryote. Given the context, it is therefore not surprising that
in recent years, RNAi proteins are ascribed functions outside of canonical RNAi, and sometimes in
pathways independent of each other. This might reflect their ancestral roles before a functional RNAi
pathway was formed. Below, I describe the functions of nuclear RNAI that are independent of its

silencing abilities.

1.3 Nuclear RNAI and its role in genome maintenance

Studies of TGS in S. pombe and RNA-dependent DNA methylation (RdADM) in plants (Chan
et al. 2004; Volpe et al. 2002) had shown that RNAIi played an important role in the nucleus. Nuclear
RNAI is now known to be widespread in nature, conserved from kinetoplastids to vertebrates, and
participates in diverse physiological processes. The topic has recently been reviewed in depth (Gutbrod
and Martienssen 2020); here, I focus on the specific role of nuclear RNAi on genome stability, which

forms the basis of my studies.

1.3.1 Centromere function
The centromere is the location on a chromosome that serves as the assembly site of the
kinetochore, a protein complex that ensures proper segregation of genetic material (Mellone and

Fachinetti 2021). Despite performing a highly conserved function, centromeric DNA repeats are among
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the most rapidly evolving sequences, an observation known as the ‘centromere paradox’ (Henikoff,
Ahmad, and Malik 2001). Because of this, centromeres are remarkably diverse across taxa, and there
are very few, if any, generalizable principles applicable to all species (Talbert and Henikoff 2020). In
fact, centromeres in most species are epigenetically defined, marked by the presence of nucleosomes
containing the histone H3 variant centromere protein A (CENP-A) (Van Hooser et al. 2001); specific
DNA sequences are neither necessary nor sufficient for the specification of centromeres. Nevertheless,
most centromeres harbor repetitive sequences, and are themselves flanked by other repetitive sequences,
known as pericentromeric repeats, that are compacted into heterochromatin. The role of these
pericentromeric heterochromatin is not entirely clear, but it is frequently enriched with cohesin and
other SMC complexes (Eckert, Gravdahl, and Megee 2007), critical for ensuring proper cohesion of
sister chromatids during mitosis (Uhlmann 2016). An additional, non-mutually exclusive proposal is
that pericentromeric heterochromatin acts as a mechanical tension buffer to absorb and communicate
the pulling force from microtubules (Bloom 2014). Regardless, in many species, disrupting
pericentromeric heterochromatin leads to segregation defects, arguing for its role in facilitating
centromere function. For example, in S. pombe, deletion of Swi6, the heterochromatin protein HP1
homolog, specifically disrupts Rad21 cohesin recruitment at the centromere, but not along the

chromosome arm (Bernard et al. 2001).

In many species, disrupting the RNAi machinery leads to chromosome segregation defects. For
S. pombe, which carries one each of Dicer (Dcrl), Argonaute (Agol), and RARP (Rdpl), disrupting
any of the three causes lagging chromosomes and segregation defects (Volpe et al. 2003). Additionally,
these RNAi mutants become susceptible to microtubule poisons, such as thiabendazole (TBZ) (Hall,
Noma, and Grewal 2003; Provost et al. 2002; Volpe et al. 2003). This is also documented in other
unicellular eukaryotes across diverse taxa. In Trypanosoma brucei, a parasitic unicellular kinetoplastid,
disrupting its Argonaute led to chromosome segregation defects (Durand-Dubief and Bastin 2003).
Similarly, in the ciliate Tetrahymena thermophila, deleting its Dicer homolog Dcll led to mitotic
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phenotypes such as lagging chromosomes and sensitivity to microtubule poison (Mochizuki and

Gorovsky 2005).

Studying the chromosomal function of RNAi in higher eukaryotes is often more difficult for at
least two reasons. First, RNAI is involved in miRNA biogenesis; disruption of which often leads to
early embryonic lethality (Bernstein et al. 2003), although this has also been speculated to be caused
by unresolved DNA damage in rapidly dividing cells (Swahari, Nakamura, and Deshmukh 2016).
Second, higher eukaryotes — especially in plants — often harbor multiple copies of RNAI, and they
regularly perform overlapping functions (Borges and Martienssen 2015). Nevertheless, emerging
evidence supports the segregation function of RNAi is also conserved in higher eukaryotes. In
arthropods, Dcr-2 and AGO?2 are specialized for the endogenous siRNA pathways (Aderounmu et al.
2023; Lee et al. 2004; Mukherjee, Campos, and Kolaczkowski 2013), and their disruption leads to
chromosomal defects (Pek and Kai 2011), as well as heterochromatin defects (Deshpande, Calhoun,
and Schedl 2005). Similarly, in vertebrates, chromosome mis-segregation, bridging chromosomes,
among other segregation defects have been observed in human RPE-1 cells (Huang et al. 2015), HeLa
cells (Pek and Kai 2011), mouse fibroblast (Harfe et al. 2005), as well as mouse embryonic stem cells
(mESCs) (Gutbrod et al. 2022). Notably, knocking out DGCRS, a subunit of the microprocessor
complex involved in the generation of miRNA, does not lead to lethality, suggesting that the
segregation defect of Dicer knockout is independent of the loss of miRNA (Gutbrod et al. 2022; Huang

et al. 2015).

Mechanistically how RNAi ensures proper chromosome segregation function is not fully
understood, but in S. pombe, this is done by promoting the formation of pericentromeric
heterochromatin. In a process called co-transcriptional gene silencing (CTGS), small interfering RNA
(siRNA) is generated from transcripts originating in the pericentromeric regions (Biihler and Moazed
2007; Biihler, Verdel, and Moazed 2006; Volpe et al. 2002). In this model, nascent pericentromeric
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transcripts recruit the RNA-induced transcriptional silencing (RITS) complex via siRNA-loaded Agol
(Verdel et al. 2004). RITS physically interacts with the RDRC complex (Motamedi et al. 2004), which
contains Rdp1, thereby generating dsRNA to make more siRNA. RITS also recruits the cryptic loci
regulator complex (CLRC) (Bayne et al. 2010) containing Clr4, the only H3K9 methyltransferase in S.
pombe, therefore inducing heterochromatin formation. On top of the recruitment of Swi6 and therefore
cohesin described above, pericentromeric heterochromatin also promotes de novo Cnpl (CENP-A

homolog) deposition in S. pombe (Folco et al. 2008), directly influencing centromere establishment.

It has not been established whether RNAI in other species promotes chromosomal functions
also via pericentromeric heterochromatin regulation, but many observations point to such possibility.
TEs play an important role in shaping centromere evolution. Many centromeres are comprised primarily
of TEs (Gao et al. 2015), and centromeric satellite repeats often bear sequence similarity with, and are
proposed to have originated from, TEs (Gong et al. 2012; Shang et al. 2010; A. Sharma, Wolfgruber,
and Presting 2013; Talbert and Henikoff 2020). Centromeres are almost universally transcribed at a
low level (Lopes et al. 2023; Talbert and Henikoftf 2018), albeit elevated expression is usually harmful
(Bouzinba-Segard, Guais, and Francastel 2006; Ohkuni and Kitagawa 2011). In S. pombe, it is this
transcription that initiates CTGS to promote heterochromatin assembly (see above); a similar
mechanism could therefore operate in other species. Centromeric transcripts accumulate in Dicerl™
knockout mESCs, although H3K9me3 level did not decrease (Gutbrod et al. 2022). On the other hand,
mutant 4. thaliana defective in DNA methylation requires RNAI to establish pericentromeric H3K9
methylation (Shimada et al. 2023), promoting centromere function in a way similar to that in S. pombe.
In any case, whenever repetitive sequences comprise pericentromeric heterochromatin, the targeting
activity of RNAIi seems to become critical in ensuring proper segregation function. Further supporting
this observation, the loss of RNAIi in some Cryptococcus sp. is correlated with shorter centromeres
(Yadav et al. 2018), and in Trypanosoma cruzi, which, unlike 7. brucei, has lost a functional RNAi
pathway (Lye et al. 2010), its centromeres lack repetitive sequences (Obado et al. 2007). In the most
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striking case of the budding yeast Saccharomyces cerevisiae, the loss of the entire RNAi pathway is
correlated with the presence of a genetically defined point centromere. Therefore, although RNA itself
is not strictly necessary for centromere function, its presence correlates with the accumulation of

repetitive elements, entailing its co-option into regulating the centromeric process.

1.3.2 Regulation of DNA metabolism

On top of its prominent role in centromere function, RNAi has additional roles in DNA
metabolism, including programmed DNA elimination, copy number maintenance, and regulation of
DNA repair. These processes not only ensure genome integrity, but could also alter gene expression

through DNA changes.

Programmed DNA elimination refers to the selective removal of genetic material during the
somatic development of an organism. It ranges from the removal of select regions along a chromosome
in nematodes to the elimination of an entire set of paternal genome in certain arthropods, and is found
in diverse species, from unicellular ciliates to angiosperms and vertebrates (Dedukh and Krasikova
2022). The mechanism of DNA elimination is relatively well understood in ciliates, and involves the

use of RNAi machinery (Gao et al. 2023; Noto and Mochizuki 2017).

Ciliates are unicellular eukaryotes that possess a transcriptionally active, polyploid
macronucleus and a transcriptionally inert diploid micronucleus. During sexual reproduction, the
micronucleus produces new micronuclei and macronuclei, and the parental macronucleus is destroyed
(Noto and Mochizuki 2017). The development of new macronuclei requires programmed DNA
elimination, of which sequences called internal eliminated sequences (IESs) are removed. In T.
thermophila this amounts to ~30% of the genome, and the process starts with the production of SRNAs
called ‘scan RNAs’ (scnRNAs) by the Dicer homolog Dcllp, with bidirectional transcripts generated

in the IESs as substrates. The scnRNAs are then loaded onto the Argonaute Twilp and travel into the
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parental macronucleus. There, long noncoding RNA (IncRNA) is generated and scnRNAs that bind
complementarily to nascent IncRNA from the macronuclear genome are degraded. The surviving
scnRNAs then travel to the newly developing macronucleus and guide heterochromatin formation,
triggering H3K9 and H3K27 methylation. The heterochromatin then recruits the HP1 homolog Pdd1p
and IESs are excised by the transposase Tpb2p (Rzeszutek, Maurer-Alcala, and Nowacki 2020). Via
this negative selection mechanism, sequences that have been preserved in the parental macronucleus
would not be eliminated in daughter macronuclei. scnRNA-based DNA elimination is found in other

ciliates such as Paramecium and Oxytricha, though there are subtle mechanistic differences (Gao et al.

2023).

DNA elimination is also observed in nematodes, copepods, lampreys and hagfishes (Smith,
Timoshevskiy, and Saraceno 2021), but whether a ncRNA- and RNAi-based mechanism is involved
remains unclear. In all species it is mostly the repetitive, TE-derived sequences that are removed,
although a recent genome assembly study of the hagfish Eptatretus atami shows that ~1,600 genes are
removed during early embryo development (Marlétaz et al. 2024). In the worm Ascaris, certain worm-
specific Argonautes (WAGOs) have biased distribution on chromatin, binding to sequences that are
removed (Estrem and Wang 2023), and in sea lampreys (Petromyzon marinus), the regions to be
eliminated are also tagged with heterochromatic marks (Timoshevskiy et al. 2016). The case of
copepods is more extreme. In Mesocyclops edax, TEs proliferate uncontrollably during germline
development, resulting a genome size of ~15 Gb compared to ~3 Gb in somatic genome; instead of
epigenetically silencing the TEs they were excised during embryogenesis (Sun et al. 2014). An RNAi-

based mechanism similar to that in ciliates was proposed, although it remained to be verified.

The role of RNAI in genome stability extends beyond heterochromatin-based mechanisms; for
example, a prominent role for RNAi has been found in ribosomal DNA (rDNA) copy number
maintenance. Most organisms carry multiple copies (100s to 1000s) of rDNA, often in tandem repeats
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on a few rDNA loci. The copy number varies drastically between species, individuals, and even
between cells in a single organism (Nelson et al. 2019). Nevertheless, being critical for cellular viability,
rDNA copy number is tightly regulated to be within a homeostatic range, and in many species disrupting

the RNAi machinery leads to rDNA repeat instability.

In S. pombe, Dcrl deletion leads to a reduction of rDNA copy number, both under mitotic
growth as well as over meiotic generations. rRNA is normally transcribed by RNA polymerase I (Pol
I), but surprisingly, RNA polymerase II (Pol II) accumulates at the rDNA loci in dcriA, and is
accompanied with the enrichment of DNA damage marks such as Rad52 and Crb2 on the chromatin
(Castel et al. 2014). Such effect is not observed in dcr/-5 mutant, of which the two RNase III domains
are catalytically inactivated, nor in agolA cells (Castel et al. 2014), suggesting Dcrl acts in a way
independent of canonical RNAi. As rRNA comprises up to ~80% of cellular RNA, rDNA loci are
highly transcriptionally active. This makes rDNA loci into hotspots of transcription-replication
conflicts (TRCs) (Achar and Foiani 2017), which, if left unchecked, can cause DNA damage and copy
number variation (Helmrich et al. 2013). A possible role of Dcrl, therefore, could be to promote
transcription termination to limit replication stress. Supporting this, negative epistatic interactions have
been observed between dcrlA and DNA replication factors such as mrclIA, and dcrlA exacerbates
replication fork stalling at the centromeric repeats (Zaratiegui et al. 2011), another difficult-to-replicate
region (Barra and Fachinetti 2018). Under physiological condition, only a subset of rDNA copies are
transcriptionally active, and the rest are heterochromatinized (Srivastava, Srivastava, and Ahn 2016).
IndcriA, sSRNAs mapping to rDNA loci are lost, but there is little change to the H3K9me?2 level, further

highlighting a role independent of RNAi-directed heterochromatin formation (Castel et al. 2014).

In other organisms a sSRNA-based mechanism seems to be involved too. In N. crassa, IDNA
copy instability is observed in the quelling-deficient-2 (qde-2) Argonaute mutant, and QDE2-loaded
siRNA mapping to rDNA loci can be detected in wild type (WT) (Cecere and Cogoni 2009). Whereas
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in S. pombe there is no change to H3K9me level, in D. melanogaster a loss of H3K9me2 across the
whole rDNA gene is observed in dcr-2, and both Argonaute (Ago2) and Dicer (Dcr2) are important for
nucleolar organization (Peng and Karpen 2007). In C. elegans, disruption of the piRNA pathway causes
infertility only after 17 generations, and it is proposed to be caused by an upregulation of ribosomal
siRNA (risiRNA) concomitant with a progressive decrease in rDNA copy number, disrupting cellular
physiology in late generations. Interestingly, mutating the RNAi machinery restores fertility and is
correlated with an increase in rDNA copies (Wahba, Hansen, and Fire 2021). A notable exception is

Dcr-1, which, when mutated, restores fertility without restoring rDNA copies.

1.3.3 DNA damage checkpoint, response, and repair

There is accumulating evidence that nuclear RNAI is intimately linked with the DNA damage
checkpoint response, and DNA repair. In the presence of DNA damage, an evolutionarily conserved
DNA damage response (DDR) pathway is activated, which propagates the signal from the site of
damage to induce cell cycle arrest, allowing extra time for repair (Ciccia and Elledge 2010). Some of
the earliest responses include the phosphorylation and activation of ATM — which is a kinase itself and
phosphorylates ATR, as well as the histone H2A-variant H2A.X (Giglia-Mari, Zotter, and Vermeulen
2011). Activated ATM, ATR and phosphorylated H2A.X (YH2A.X) further amplify the signal,

recruiting secondary factors to facilitate repair.

When RNAI is disrupted, cells accumulate endogenous DNA damage, DDR activation is
frequently impaired, and the cell cycle progresses despite unresolved DNA damage. In S. pombe, dcri A
leads to elevated level of Rad52 foci marking DNA damage, most prominent during S-phase —
suggesting a role in preventing replication-induced damage — but also persist until G2 phase (Zaratiegui
et al. 2011). In response to hydroxyurea (HU), a genotoxic drug that induces replication stress by
depleting the cellular deoxyribonucleotide (ANTP) pool (Singh and Xu 2016), the cyclin-dependent

kinase Cdc2 (Cdc28 in S. cerevisiae) is hyperphosphorylated to arrest cells at the S-M checkpoint
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(Rhind, Furnari, and Russell 1997). In dcriIA and agolA cells, Cdc2 fails to be properly activated and
cells are not properly arrested (Carmichael et al. 2004). Notably, these phenotypes are much milder, or
even absent in rdpIA cells, suggesting a role independent to canonical RNAi. In 7. thermophila, an
RNAI pathway distinct from that involved in DNA elimination (see above) limits the accumulation of
DNA damage, as its disruption leads to elevated expression of DNA repair genes, and cells accumulate

nuclear Rad51 and YH2A.X foci suggesting persistent damage (S. R. Lee et al. 2021).

Impairment of DDR activation in RNAi mutants is also documented in mammals. In a study of
mouse cerebellar development, conditional deletion of either Dicer or Drosha in neuronal precursors —
which undergo rapid cell division associated with replicative stress (Y. Lee, Katyal, et al. 2012; Y. Lee,
Shull, et al. 2012) — triggers the accumulation of YH2A.X foci, as well as DNA breaks (Swahari,
Nakamura, Baran-Gale, et al. 2016). Similar phenotypes are also observed in human HEK293T cells
when Dicer is knocked down (Tang et al. 2008). In addition to limiting endogenous stress, RNAi factors
have also been shown to actively respond to exogenous damage. When HEK293 cells and mouse
embryonic fibroblasts (MEFs) are treated with damaging agents such as etoposide or y-irradiation,
Dicer becomes phosphorylated and localizes into the nucleus (Burger et al. 2017; Burger and Gullerova
2018). In fact, Dicer phosphorylation — and by extension, its subcellular localization — is tightly
regulated; its mis-regulation is observed in tumor samples and is implicated in cancer progression,
potentially by altering its interaction with the DDR pathway (Reyes-Castro et al. 2023; Swabhari,
Nakamura, and Deshmukh 2016). Consequently, disruption of cellular Dicer or Drosha level in both
human fibroblasts and zebrafish larvae leads to impaired accumulation of DDR foci (e.g.
phosphorylated ATM) when the cells were exposed to ionizing radiation (Francia et al. 2012). No effect
was observed when downstream miRNA effectors such as TNRC6A/B/C were knocked down,

suggesting a miRNA-independent mechanism.
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In recent years, transcription activity and RNA have emerged as important players in DDR
(Long, Liu, and Gullerova 2021), and RNAI is likely closely tied to this phenomenon. In S. pombe, Pol
IT has been detected at an artificially induced DSB, and plays a role in facilitating efficient repair (Ohle
et al. 2016). Whether the transcript is processed into SRNA was not tested in this example, but that
appears to be the case in 4. thaliana and in mammalian systems (Burger et al. 2017; Francia et al. 2012,
2016; Miki et al. 2017; Wei et al. 2012). In A. thaliana, the sSRNA population is known as DSB-induced
small RNAs (diRNA); their biogenesis and functions are still poorly understood, but in two cases using
transgenic reporter systems, parts of the RADM machinery appear to be involved. DCL4, RDR6, and
potentially DCL2 are required for diRNA production, and efficient repair of damage requires NRPD1
and NRPD?2, the largest subunits of RNA Pol IV and Pol V respectively (Miki et al. 2017; Wei et al.
2012). Crucially, AGO4 and DRM1/2, key effector proteins of the RADM pathway, are not required,
arguing against the utilization of canonical RADM pathway. How repair is promoted by the RADM
pathway machinery remains unresolved, but given that active transcription — in the experiment, by Pol
II — proximal to the induced DSB site is required (Miki et al. 2017), one can speculate Pol IV and V

might functionally substitute Pol II to initiate diRNA generation and therefore DDR activation.

In mammalian systems, nuclear RNAi factors — specifically Dicer and Drosha — have been
shown to localize to DSBs to process the damage-induced IncRNA (dilncRNA) (Burger et al. 2017),
generating SRNA termed DNA damage response RNAs (DDRNAs). sSRNA mapping to the vicinity of
an induced DSB is also detected in D. melanogaster (Michalik, Bottcher, and Forstemann 2012). The
recruitment of RNAI factors appears to be tightly coordinated with that of Pol II. A critical player in
DSB repair is the Mrel1-Rad50-Nbs1 (MRN) complex, which acts as a DSB sensor and transmits the
information via activating ATM, amongst additional roles (Lamarche, Orazio, and Weitzman 2010).
The MRN complex has been shown to recruit both Pol II (Michelini et al. 2017) and Drosha (Cabrini
et al. 2021), although in different cell lines — mouse NIH2/4 and human U20S respectively. At DSB,
active Pol II recruited by the MRN complex initiates bi-directional transcription to and from the break
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site, generating dilncRNA that base-interacts with one another to form dsRNA. These dsRNA are
processed by Drosha and Dicer, forming DDRNAs (Michelini et al. 2017). It should be noted, however,
that DDRNAs are not always produced at DSBs, and its production is likely influenced by the

underlying sequence complexity, as well as transcriptional activity (Lu et al. 2018).

The downstream functions of damage-localized RNAI factors and the damage-induced RNAs
are less clear, partly owing to differences in experimental designs and because different kinds of DNA
damage elicit distinct repair pathway choices (Ait Saada, Lambert, and Carr 2018; Ceccaldi, Rondinelli,
and D’Andrea 2016; Ciccia and Elledge 2010; Scully et al. 2019). At the very least, RNAI is required
for proper DNA damage tolerance and efficient damage repair. In S. pombe, dcrIA and agolA are
sensitive to HU (Carmichael et al. 2004). DcrIA and agolA also negatively interacts with mrc/A and
swi3A (Zaratiegui et al. 2011), parts of the fork protection complex Mrcl/Swil/Swi3 that promotes
replication stress tolerance by stabilizing stalled forks (Shimmoto et al. 2009). In 4. thaliana, deleting
either DCL2/3/4 reduces DSB repair efficiency, along with a reduction of diRNA level (Wei et al.
2012). The diRNA potentially exerts its function via Argonaute as an effector protein, as AGO2, but
not AGO4/6, is required for its production as well as efficient repair (Miki et al. 2017; Wei et al. 2012)
The function of diRNA remains controversial, as RDR2”" and RDR6”" mutants, despite having only

~10-20% of WT level of diRNA, remain as efficient as WT in repairing DSB.

In mammals, where the effects are studied in more details, both the RNAi factors themselves
and the accompanying DDRNAs appear to be important. siRNA inhibition of Dicer or Drosha reduces
both HR and non-homologous end joining (NHEJ) efficiency (Lu et al. 2018), although Drosha has
been documented to preferentially promote the NHEJ pathway (Cabrini et al. 2021). Dicer and Drosha
are important for the recruitment of 53BP1 and MDC1 (Burger, Schlackow, and Gullerova 2019;
Francia et al. 2016), two downstream response factors that coordinate with YH2A.X and influence repair
pathway choices (Ciccia and Elledge 2010). In the human A549 cancer cell line, when Dicer or Drosha
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is inhibited by siRNA and cells treated with y-irradiation, 53BP1 — but not yYH2A.X — foci formation is
impaired (Lu et al. 2018). 53BP1 is inhibited by TIRR (Dai et al. 2018; Drané et al. 2017), and IncRNA
generated from DSB has been shown to separate TIRR from 53BP1, leading to its activation, in a
manner that is dependent on the activity of Dicer and Drosha (Ketley et al. 2022). The ability of Dicer
and Drosha to activate DDR depends on DDRNAs generated by Dicer, as RNase A treatment of
permeabilized NIH2/4 cells leads to impaired DDR foci formation after irradiation, and is restored
when the cells are incubated with site-specific synthetic SRNA (Francia et al. 2012). Base-pairing
interaction with dilncRNA is required for these SRNA to recruit 53BP1, and it can be prevented by the
addition of antisense oligonucleotides (ASOs) disrupting their interactions (Michelini et al. 2017).
Similar to A. thaliana, the Argonaute Ago2 has been shown to act as an effector protein, promoting

Rad51 recruitment to DSB and facilitating HR-based repair (Gao et al. 2014).

Based on studies in diverse species, RNAI likely assists in the initial recognition of DNA
damage, in pathway distinct to that of canonical miRNA and siRNA. There exists a complex
coordination between the RNAi machinery and DNA repair factors, which responds dynamically
depending on the underlying sequence as well as its transcriptional activity. This is illustrated in the
case of N. crassa, where sSRNA production appears to be triggered in response to DNA damage. Here,
histidine treatment — which inhibits DNA replication and induces DNA damage — triggers the
production of 20 — 21 nt long QDE-2-interacting sSRNA (qiRNA) that originates from the rDNA loci
(Lee et al. 2009). In parallel, DNA damage proximal to tandem repeats appears to be the trigger for
quelling, and in the process siRNA is produced (Yang, Ye, and Liu 2015). Notably, the production of
these damage-induced sSRNA depends not only on Dicer homologues DCL-1 and DCL-2, the Argonaute
QDE-2, and QDE-1 — an enzyme with both DdRP and RdRP activities, but also on QDE-3, a RecQ
DNA helicase, as well as the HR machinery such as Rad51 and Rad54 (Lee et al. 2010; Zhang et al.
2013). In the case of quelling, therefore, SRNA is only generated when DNA damage occurs at tandem
repeats, by the combined action of RNAi and HR factors. In fact, DNA repair factors have also been
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implicated in silencing, suggesting a reciprocal interaction between DNA repair and RNAI. In S. pombe,
derlA and agolA negatively interact with rad5 1A (Zaratiegui et al. 2011), a highly conserved protein
involved in HR based DNA repair (Bonilla et al. 2020), Interestingly, the knockouts rad51A and
rad54A — also an HR factor, partially lose centromeric silencing (Onaka et al. 2016), and the Rad54

homolog DRDI is required for silencing in 4. thaliana (Kanno et al. 2004).

1.4 Transcription-replication conflict: sources and resolution

DNA repair, recombination, and replication occur on the very same substrate that undergoes
transcription. It is therefore of no surprise that there exist complex interactions between the machineries.
For example, when an RNA polymerase (RNAP) encounters a DNA lesion, the blocked RNAP acts as
a sensor to stimulate DNA repair, in a process known as transcription-coupled repair (TCR) (Selby et
al. 2023). Exogenous DNA damage also downregulates transcriptional activity, and is proposed as a
way to limit the transcription machinery from interfering with DNA repair (Machour and Ayoub 2020).
On the other hand, transcription-replication conflicts (TRCs) occur when the replisome progression is
influenced by the transcription machinery. Its potential to induce genome instability has been known
for a long time, but recent advances have revealed the mechanism to be far more complex than
previously appreciated. In this section, I first describe the individual connection of transcription and
replication to genome stability, followed by a discussion on the mechanisms in place to coordinate the

two processes simultaneously.

1.4.1 Transcription and genome stability

The phenomenon of transcription-associated mutagenesis (TAM) was first noted in bacteria in
the early 1970s, when exogenous mutagens were more effective when the reporter gene was
transcriptionally active (Herman and Dworkin 1971; Savi¢ and Kanazir 1972). In eukaryotes, it was

first demonstrated in S. cerevisiae, using an inducible promoter system and a frameshifted lys2 allele
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(Datta and Jinks-Robertson 1995). In higher eukaryotes, TAM was demonstrated using a hypermutating
mouse cell line harboring a doxycycline-inducible GFP transgene gene with a premature stop codon,
in which the frequency of GFP" reversion correlated transcription (Bachl et al. 2001). On top of TAM,
transcription is also known to stimulate recombination, in a process called transcription-associated
recombination (TAR). This was first observed in E. coli deficient in recA, the prokaryotic ortholog of
Rad51 (Shinohara, Ogawa, and Ogawa 1992), that RNAP activity promoted recombination between
two mutant A phage (Ikeda and Kobayashi 1977). In §. cerevisiae, inter- and intra-chromosomal
recombination was stimulated when a Pol I promoter-containing sequence, HOTI, was placed at an
ectopic location (Keil and Shirleen Roeder 1984; Voelkel-Meiman, Keil, and Roeder 1987). In S.
pombe too, replacing the native ade6 promoter with a strong constitutive adhl promoter stimulated

both mitotic and meiotic recombination (Grimm et al. 1991).

Transcription destabilizes DNA in multiple ways, causing different mutational and
recombinatorial consequences (Aguilera 2002; Gaillard and Aguilera 2016; Jinks-Robertson and
Bhagwat 2014; Kim and Jinks-Robertson 2012). In replication-independent events, transcriptional
activity alone increases the frequency of most, if not all, kinds of mutation (Lippert et al. 2004), but
leaves a particular mutational signature, the most prominent being that the non-transcribed strand (NTS)
mutates more frequently than the transcribed strand (TS) (Beletskii and Bhagwat 1996; Green et al.
2003; Mugal, von Griinberg, and Peifer 2009). Definitive explanation is still lacking, but evidence
suggests this is due to both the NTS being more susceptible to DNA damage during transcription, and
the lesions occurring at TS being more efficiently repaired. Preferential DNA repair via nucleotide
excision repair (NER) is observed in both prokaryotes and eukaryotes, a phenomena known as
transcription-coupled NER (TC-NER) (Gaillard and Aguilera 2013; Hanawalt and Spivak 2008; Selby
et al. 2023), and presumably, this is due to the fact that stalled Pol II is the trigger of TC-NER (Li et al.

2014), which is more efficiently induced by lesions at the TS.
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Single-stranded DNA (ssDNA) is more chemically reactive and prone to DNA damage
(Lindahl 1993). It is therefore hypothesized that NTS is more susceptible to TAM by being more
frequently in the ssDNA state: an active, elongating Pol II has a transcription bubble of ~10 nt, with
accompanying NTS potentially exposed as ssDNA (Gnatt et al. 2001). Additionally, transcription
induces positive and negative supercoiling ahead and behind the RNAP respectively (Liu and Wang
1987). Negative supercoiling unwinds DNA, favoring the formation of non-B DNA structures. In
particular, the nascent RNA is prone to stably base-pairing with the TS, forming a three-stranded
structure known as R-loop (see below). This exposes the NTS as ssDNA, rendering it more susceptible
to DNA damage. Any processes favoring the formation of R-loop would therefore potentially contribute
to the NTS-TS bias. Agreeing with this hypothesis, when the human cytosine deaminase (AID), which
preferentially acts on ssDNA, is expressed in S. cerevisiae, mutating the THO/TREX complex to
promote R-loop formation (Huertas and Aguilera 2003) leads to elevated targeting of AID to NTS
(Gomez-Gonzalez and Aguilera 2007). Additionally, synonymous mutations that promote RNA folding,
and therefore reducing the likelihood of R-loop formation, have been shown to reduce TAM frequency

(Chen, Yang, and Zhang 2016).

On top of the NTS-TS bias, TAM is also enriched (up to 50% of all mutations) in 2- to 5-bp
deletions (Lippert et al. 2004), and genetic studies have pointed to abortive topoisomerase I (Topl) as
the main source of TAM, contributing to the observed mutational signature (Lippert et al. 2011;
Takahashi et al. 2011). Transcription-induced negative supercoiling is primarily resolved by Top1 (Brill
and Sternglanz 1988), which relieves torsional stress by creating a single strand nick, allowing
controlled rotation of the duplex DNA. In the reaction intermediate, Top1 is covalently linked with the
3’-end of the nick; when the 5’-hydroxyl group is displaced — by existing DNA damage (Pourquier et
al. 1997), or underlying tandem repeats — Top1 could be trapped, forming the Top1 cleavage complex

(Toplcc). Repairing such trapped Toplcc is error prone, generating short deletions.
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Recombination requires the generation of a stretch of ssDNA, called presynaptic filament,
capable of homology search (Heyer, Ehmsen, and Liu 2010); therefore, it is widely assumed that TAR
is caused by the induction of DNA breaks by transcription. In support of this, genetic data suggested
transcription initiated a response similar to that of DSB induction, rather than a specific pathway of HR
events (Gonzalez-Barrera, Garcia-Rubio, and Aguilera 2002). Here, replication is a major player, and
TRC constitutes the primary source of transcription-dependent breaks, which will be discussed in
subsequent sections. Nevertheless, prolonged exposure of ssDNA, by topological constraints, or by
transcribing through regions prone to non-B DNA formation, can subject the DNA to various damaging
agents, creating breaks that are recombinogenic (Gaillard and Aguilera 2016). This is supported by the
fact that fopl/top2 mutant in S. cerevisiae displayed a hyper-recombination phenotype at the rtDNA
repeats (Christman, Dietrich, and Fink 1988). Additionally, transcription can promote the expansion of
GAA repeats independent of replication in human cells (Ditch et al. 2009; Lin, Dion, and Wilson 2006),
and in S. cerevisiae, the same repeat stimulates mitotic recombination outside of S phase (Tang et al.
2011), further highlighting how transcription through difficult templates can be inherently
recombinogenic. Finally, the recombinogenic potential of DNA damage agents such as UV irradiation
and methyl methanesulfonate (MMS) is synergistically increased when transcription is active (Garcia-
Rubio et al. 2003; Hendriks et al. 2008), suggesting that recombination is stimulated when transcription

progression is impeded.

1.4.2 Characteristics and sources of TRCs

Collisions between the replisome and the transcription machinery can occur codirectionally
(CD) or head-on (HO). In bacteria, where replisomes move much faster than RNAPs (Brewer 1988),
replisome rear-ending the RNAP represents the majority of CD-TRC, whereas in eukaryotes,
replisomes and RNAPs move at comparable speed (Muniz, Nicolas, and Trouche 2021; Técher et al.
2013), making the alternative scenario — RNAP rear-ending the replisome — equally likely. HO-TRCs

have a more severe consequence, even at a low level of transcription. In fact, in vitro experiments in
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Bacteria show that a single RNAP can lead to prolonged stalling of the replisome, and even dislodge
the replisome altogether (Liu and Alberts 1995; Pomerantz and O’Donnell 2010). HO-TRCs have also
been shown to slow or completely stall the replisome in vivo in E. coli and Bacillus subtilis (French
1992; Lang et al. 2017; Mirkin and Mirkin 2005). In B. subtilis, a reporter gene placed HO induces
60% more overall mutation than when placed CD (Sankar et al. 2016). In this system, HO- and CD-
TRCs generate distinct mutational spectra — for example, HO-TRCs generate more mutation at the 3’

end of the reporter gene, consistent with the location when such encounter occurs.

Engineered constructs are also used to study TRC in eukaryotes in vivo. In S. cerevisiae, HO-
TRC triggers recombination between introduced direct repeats more frequently, and is dependent on S-
phase transcription (Prado and Aguilera 2005). As described above, TAM is characterized by a
mutational signature of 2-5 bp deletions, and its occurrence is dependent on replication (Kim et al.
2007). Similar to that in B. subtilis, distinct mutational spectra are observed between HO- and CD-TRC,
with CD-TRC generating the 2-5 bp deletion more frequently, while HO-TRC tends to generate more
complex indels. Studying TRC in higher eukaryotes with reporter assay is more challenging, but using
a plasmid system in HEK293 cells, HO-TRC was shown to induce plasmid instability and to activate
distinct DDR than CD-TRC (Hamperl et al. 2017). Therefore, TRC, at least when artificially engineered

at a high level, causes genome instability in both prokaryotes and eukaryotes.

Given the mutagenic potential of TRC, cells employ multiple methods to limit its occurrence.
This is most prominent in prokaryotes, where aligning genes co-directional to the single replication
origin is selectively advantageous over evolutionary time. As such, the most highly transcribed genes
— those encoding rRNA and ribosomal proteins — are almost always co-directional across many species
(McLean, Wolfe, and Devine 1998). This is also observed for essential genes, presumably to reduce
the rate of mutagenesis caused by HO-TRC (Rocha and Danchin 2003; Zheng et al. 2015). On the other
hand, orienting genes associated with environmental stress and pathogen defense head-on to replication,
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and thereby increasing its mutagenic potential, appears to promote adaptive evolution (Lang et al. 2017;
Merrikh and Merrikh 2018; Paul et al. 2013). In eukaryotes, the effect is less pronounced, although in
S. cerevisiae a strong preference for tRNA genes to align co-directionally with origins is observed
(Osmundson et al. 2017). Additionally, within rDNA repeats, sequences that act as replication fork
barrier (RFB) have been found from yeast to mammals; they block replication from one direction and
thereby promoting replisome progression co-directionally with rRNA genes (Gadaleta and Noguchi

2017).

Spatiotemporal separation between transcription and replication has been proposed as a
mechanism to reduce TRC in eukaryotes. Early imaging studies showed conflicting results on whether
the two machineries are spatially separated (Hassan et al. 1994; Wansink et al. 1994; Wei et al. 1998),
but this is supported by recent sequencing and microscopy analyses (Meryet-Figuiere et al. 2014;
Uchino et al. 2021). Nevertheless, TRCs are inevitable for several reasons. First, transcription remains
active in S phase — in fact, certain classes of genes such as histones and cyclin/cyclin-dependent kinases
(CDKs) are upregulated specifically in S phase (Bertoli, Skotheim, and de Bruin 2013). Second, in
higher eukaryotes some of the longest genes take longer than one cell cycle to transcribe, making
encounters inevitable (Helmrich, Ballarino, and Tora 2011). Lastly, both transcription and replication
activity appear to correlate with a similar set of epigenetic signals (Prioleau and MacAlpine 2016). In
the broadest sense, transcriptionally active euchromatin, marked by histone marks such as H3K4
methylation and H3K36me3, generally replicates early, whereas heterochromatin marked by H3K9me2
replicates late (Marchal, Sima, and Gilbert 2019). At a smaller scale, the most efficient origins
colocalize with transcription start sites (TSSs) (Chen et al. 2019; Huvet et al. 2007; Petryk et al. 2016).
This is also in agreement with the fact that genomic and epigenomic features associated with origins
are often shared with TSSs. For example, origins tend to locate in GC-rich DNA and G quadruplexes
(G4s) (Besnard et al. 2012; Cayrou et al. 2011; Langley et al. 2016), features frequently found in CpG
islands (CGlIs) around eukaryotic promoters (Deaton and Bird 2011). Marks associated with open
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chromatin, including H4K20me1l and H3K9ac, are enriched amongst the most efficient, constitutive,
and early-replication origins (Picard et al. 2014). Naturally, this would align replication to transcription,
minimizing HO-TRC; however, transcription appears to play an active role in shaping replication
initiation that confounds this simple deduction. In G1 phase, origin recognition complex (ORC) is
loaded onto the origin, which serves to recruit the Mcm2-7 replicative helicase as a double hexamer,
responsible for initiating bidirectional replication in S phase (Bell and Stillman 1992; Evrin et al. 2009).
Multiple Mcm2-7 double hexamers can be loaded iteratively by a single ORC (Bowers et al. 2004),
which could then translocate away from ORC and distribute throughout the genome (Remus et al. 2009).
RNAPs can actively push the Mcm2-7 complex (Gros et al. 2015; Scherr et al. 2022), and Gl
transcription clears intragenic Mcm2-7 (Akerman et al. 2020). In cancer cells, perturbing such
processes by activating Gl-shortening oncogenes causes replication stress within active genes
(Macheret and Halazonetis 2018). While this mechanism limits initiation within actively transcribing
genes, an unavoidable consequence is that Mcm2-7 becomes enriched downstream of genes, at
transcription termination sites (TTSs) (Chen et al. 2019; Koyanagi et al. 2022). In this respect, TRC is

likely to occur frequently despite multiple mechanisms to reduce its abundance and severity.

TRCs impeding replication are observed in physiological conditions, and are especially
enriched at certain hotspots. In B. subtilis, chromatin immunoprecipitation (ChIP) revealed that
replication restart factors such as DnaB and DnaD accumulate at TRNA genes (Smits et al. 2011),
suggesting the necessity for replication restart at highly transcribed loci. Single molecule studies
showed that the replicative helicase, DnaC, frequently stalls and this can be ameliorated by inhibiting
transcription with rifampicin (Mangiameli et al. 2017). In S. cerevisiae, tRNA genes have been shown
to frequently arrest the replisome, and the effect is more severe when aligned HO to origins (Claussin,
Vazquez, and Whitehouse 2022; Deshpande and Newlon 1996; Osmundson et al. 2017). In higher
eukaryotes, TRCs have been implicated as contributing to genome instability at regions known as
common fragile sites (CFSs). CFSs are loci that exhibit an elevated level of DNA gaps and breaks,
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recurrently causing chromosome segregation defects (Durkin and Glover 2007). CFSs are enriched
with sequences prone to form non-B DNA structures, and are expected to be difficult to replicate.
Indeed, mild DNA checkpoint defects are sufficient to induce breaks at CFSs without any additional
exogenous replication stress (Casper et al. 2002). CFSs are frequently located within highly transcribed
and long genes (Barlow et al. 2013; Helmrich et al. 2006; Wilson et al. 2015), and therefore TRC has
been implicated as the underlying trigger for instability. An alternative explanation posits that
transcriptional activity limits zones of replication (see above), creating origin-poor regions around CFS;
this causes the region to be replicated late in S phase, potentially well into mitosis, an observation
known as mitotic DNA synthesis (MiDAS) (Brison et al. 2019; Macheret et al. 2020). It is possible that

both mechanisms contribute to genome instability at CFSs.

It is not entirely clear how transcription stalls replication; collision events are likely very
heterogeneous in nature, and its outcome and resolution depend on the state the two machineries are in
during the encounter. In principle, any DNA-bound protein, including RNAP, transcription factors (TFs)
and general transcription factors (GTFs), has the potential to blcok replication, and so are promoter-
bound and actively elongating RNAPs. In fact, a recent study suggests the ability of tRNA genes to
unidirectionally block replication depends on the asymmetrical binding of TFIIIB, an essential TF, onto
the promoter, rather than Pol III per se (Yeung and Smith 2020). Nevertheless, most transcriptional
events do not appear to impact replication in any significant way, at least when only the RNAP
holoenzyme is concerned. In in vitro studies using bacteriophage replication systems such as T4 and
$29 phages, the DNA polymerase (DNAP) can co-directionally bypass a transcriptionally competent
RNAP from E. coli after a brief slowing down (Elias-Arnanz and Salas 1997; Liu et al. 1993; Liu,
Wong, and Alberts 1994; Liu and Alberts 1995). In HO collision, the further addition of a replicative
helicase permits the T4 DNAP to efficiently bypass E. coli RNAP (Liu and Alberts 1995). In these
circumstances, the bacterial RNAP remains bound to the DNA and can resume RNA synthesis, using
the daughter DNA strand as the new template. In studies using E. coli replisomes, however, RNAP
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displacement appears to be necessary for the resumption of replication (Pomerantz and O’Donnell 2008,
2010). Here, CO-TRC terminates leading strand synthesis, but surprisingly, after RNAP eviction,
replication at the leading strand is resumed using the nascent RNA transcript as a primer (Pomerantz
and O’Donnell 2008). In eukaryotes, it is therefore assumed that replisome progression requires RNAP
eviction. This suggests premature transcription termination is evitable, but recent studies suggest that
RNAP, along with its associated nascent transcript, is held proximal to the replisome and is reloaded
rapidly post-replication to resume RNA synthesis (Bruno, Coronel-Guisado, and Gonzalez-Aguilera
2024; Fenstermaker et al. 2023; Werner and Hamperl 2024). This is done via direct interaction with the
constitutive replisome component proliferating cell nuclear antigen (PCNA) (Fenstermaker et al. 2023),
a DNA clamp that promotes replication processivity (Bell and Labib 2016). This suggests that in
eukaryotes also, the replisome is not necessarily stalled by RNAP, though further study is required to

address how frequent such RNAP bypass occurs.

Transcription is a tightly regulated process, and RNAP is frequently paused and stalled within
the transcription cycle (Shandilya and Roberts 2012). This can serve as a point of regulation, as
exemplified by promoter-proximal pausing, where Pol II is actively held in check by protein factors
and requires ‘licensing’ before entering productive elongation (Core and Adelman 2019; Welsh and
Gardini 2023). During elongation, protein obstacles, specific DNA sequences, and DNA lesions also
frequently cause RNAP stalling. Stalled RNAP promotes the formation of R-loops — implicated in
genome instability (see next section) — by lengthening the time window that nascent RNA can re-anneal
to upstream DNA unwound by negative supercoiling. Additionally, stalled RNAP can undergo
backtracking, in which the RNAP reverse translocates, displacing the 3> RNA from the active site,

leading to RNAP arrest (Noe Gonzalez, Blears, and Svejstrup 2021; Wang et al. 2009).

It is these aberrant states of RNAP that present a greater threat to TRC-induced genome
instability. In an E. coli plasmid system to study collision in vivo, TRC does not lead to DSB formation

37



unless transcription elongation is further inhibited with a phage protein (Dutta et al. 2011). Backtracked
RNAP is resolved by GreA and GreB, homologs of the eukaryotic GTF TFIIS, which act by stimulating
RNA cleavage to generate new, re-aligned 3’ ends (Nudler 2009). When GreA or GreB is deleted, even
CO-TRC leads to DSB formation (Dutta et al. 2011; Tehranchi et al. 2010), highlighting the potency
of arrested RNAP in obstructing replisome progression. In mammalian cells too, a dominant-negative
TFIIS mutant that stabilizes backtracked Pol II leads to a genome instability phenotype (Sheridan et al.
2019; Zatreanu et al. 2019), and in human cells, the RecQ family DNA helicase RECQLS5 has been
shown to promote transcription elongation, the absence of which causes Pol II backtracking and leads
to replication stress (Saponaro et al. 2014; Urban et al. 2016). Similarly, proper termination of RNAP
prevents excessive TRC. In bacteria, transcription termination relies on Rho and accessory factors
NusA and NusG (Hao, Svetlov, and Nudler 2021), and defects in this pathway trigger the formation of
replication-dependent DSBs (Washburn and Gottesman 2011). Importantly, this phenotype can be
suppressed by a mutation in the RNAP which reduces its stability, strongly suggesting that the RNAP
enzyme contributes directly to TRC-induced DNA damage. Agreeing with this finding, in S. cerevisiae,
a Pol II mutant that promotes tighter association with chromatin worsens the genome instability
phenotype caused by TRC (Felipe-Abrio et al. 2014). The CTD of Pol II contains multiple tandem
repeats of the heptapeptide YSPTSPS, and dynamic post-translational modification of the heptapeptide
has been known to regulates the transcription cycle of Pol II (Eick and Geyer 2013). In particular,
phosphorylation on serine 5 (pS5) has been associated with promoter-proximally paused Pol II. A study
in HeLa cell has found that inhibition of pS5 phosphatases protein phosphatase 1 (PP1), PP1-nuclear
targeting subunit (PNUTS), and a PNUTS binding partner WDRS2 leads to Pol II stabilization, which

triggers replication stress (Landsverk et al. 2020).

In addition to RNAP and its associated factors, transcription also generates topological
constraints and alters the chromatin environment that contributes to stalling the replisome. In
mammalian cells, siRNA-mediated knockdown of Top1 leads to a global decrease in replication speed
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and increase in S-phase DNA breaks, which can be alleviated by inhibiting transcription with
cordycepin (Tuduri et al. 2009). In another study, Topl knockdown has been shown to preferentially
induce DSB and YH2A.X at TTSs when a downstream origin is present, potentially triggering HO-TRC
(Promonet et al. 2020). Additionally, transcriptional activity drastically modifies the chromatin
landscape, in part due to co-transcriptional recruitment of histone modifying enzymes (Henikoff and
Shilatifard 2011; Millan-Zambrano et al. 2022). Interestingly, a recent study proposes that co-
transcriptionally deposited H3K4 methylation acts as a “molecular speed bump” that slows down the
replication fork to reduce the severity of potential TRC at sites of high transcriptional activity (Chong
et al. 2020). Nonetheless, it remains to be determined how prevalent co-transcriptional modification of

chromatin environment causes replication stress.

1.4.3 R-loops as a source of genome instability

The R-loop is a non-B, three-stranded DNA structure consisting of a DNA:RNA hybrid and a
displaced ssDNA (Brickner, Garzon, and Cimprich 2022; Castillo-Guzman and Chédin 2021; Garcia-
Muse and Aguilera 2019; Petermann, Lan, and Zou 2022). Some of the most abundant R-loops are
generated co-transcriptionally, formed when the nascent RNA re-anneals upstream with the template
strand, although evidence exists that during Pol II backtracking, anterior R-loops ahead of the
polymerase can form (Zatreanu et al. 2019). Besides forming co-transcriptionally, R-loops or
DNA:RNA hybrids can also arise through other means. Another abundant source of DNA:RNA hybrids
is the RNA primer generated by the DNA primase at Okazaki fragments during lagging strand synthesis,
and are efficiently removed during normal replication (Bell and Labib 2016). Telomeric repeats, despite
being characterized by epigenetic modification linked to heterochromatin, are transcribed into IncRNA
called telomeric repeat-containing RNA (TERRA) (Toubiana and Selig 2018). TERRA is shown to
interact with telomeric proteins and base-pair with the DNA repeats to form R-loops, and is important
for proper telomere maintenance. It is believed that telomeric R-loops form in cis through co-

transcriptional activities, although in vitro study shows that telomeric proteins can stimulate TERRA
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invasion, suggesting the potential for telomeric R-loops to form in trans (Lee et al. 2018). Lastly, SRNA
and IncRNA generated at DSB, described in a previous section, are also reported to form DNA:RNA
hybrids (Cohen et al. 2018; Francia et al. 2012; Ohle et al. 2016; Wei et al. 2012). Indeed, R-loops
forming at DSBs have been proposed as a mechanism to promote RNA-templated DNA repair

(Chandramouly et al. 2021; Mazina et al. 2017; McDevitt et al. 2018; Meers et al. 2020).

Given that, at least under physiological conditions, most R-loops are co-transcriptional by-
products, their characteristics naturally vary and depend on the condition of the associated RNAP. It
has been proposed that Pol II-associated R-loops can be classified into two classes, one that is associated
with promoter-proximally paused RNAP, and one with elongating RNAP (Castillo-Guzman and
Chédin 2021). In particular, R-loops associated with paused Pol II are predicted to arise more frequently
and to be more harmful, given their close association with paused Pol II and associated GTFs. It needs
to be emphasized, however, that R-loops by themselves do not necessary cause replication stress; it is
their frequent association with pathological transcription intermediates that connects R-loops to
genome instability. In fact, in vitro, bacterial replisomes easily bypass naked R-loops on either strand
(Briining and Marians 2020). Naked R-loops can temporarily stall the replisome in S. cerevisiae (Kumar
et al. 2021), but this is likely insufficient to induce DNA breaks, and genetic analyses have uncovered
histone mutants that accumulate R-loops but do not display any genome instability phenotype (Garcia-
Pichardo et al. 2017). Indeed, physiological R-loops can have beneficial functions, for example guiding
transcription factor binding and promoting immunoglobulin class-switching (Garcia-Muse and
Aguilera 2019). Nevertheless, DNA:RNA hybrid is thermodynamically more stable than dsDNA
(Lesnik and Freier 1995). In this respect, R-loops, once formed, could exacerbate a paused or arrested

RNAP, rendering its removal more difficult.

While R-loops can stimulate mutation by exposing one strand of DNA to genotoxic agents,
numerous studies strongly suggest that the major mechanism of R-loop-induced genome instability
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depends on replication. In B. subtilis, R-loops accumulate preferentially at HO-TRC, and are actively
removed by RNase HIII (Lang et al. 2017), one of the RNases in the RNase H family that degrades
ribonucleotides from DNA:RNA hybrid (Hyjek, Figiel, and Nowotny 2019). Deleting RNase HIII and
inducing the expression of a head-on construct (lacZ) trigger cell death, suggesting that R-loop
accumulation enhances the severity of TRC events (Lang et al. 2017). In E. coli too, inducing
transcription of a plasmid-borne mouse Ig gene Sy3 region, which is prone to R-loop formation, triggers
plasmid loss and DDR, which can be alleviated by overexpressing RNase H1 (Gan et al. 2011). In S.
cerevisiae, defects in the THO/TREX complex lead to a global accumulation of R-loops and an increase
in recombination frequency, and can be suppressed by overexpressing RNase H1 (Huertas and Aguilera
2003). Using a direct repeat system described above (Prado and Aguilera 2005), it has also been shown
that recombination caused by HO-TRC can be alleviated by overexpressing RNase H1 (Garcia-Rubio
et al. 2018). Notably, when Yral — a protein that stably binds to DNA:RNA hybrid — is overexpressed
instead, recombination frequency is enhanced in both CO- and HO-TRC contexts, highlighting that R-
loops by themselves are not necessary recombinogenic, but depend highly on their status and how they
are resolved. Consistent with this idea, the genome instability phenotype caused by overexpressing a
dominant-negative TFIIS allele in mammalian cells can be suppressed by further overexpressing RNase

HI1 (Zatreanu et al. 2019).

The importance of limiting excessive R-loop formation can be appreciated by the numerous
amount of enzymes dedicated to its removal or prevention (Brickner et al. 2022; Petermann et al. 2022).
As described above, topoisomerase plays an essential function in limiting transcription-induced
negative supercoiling, which promotes R-loop formation (Drolet 2006). In E. coli, topA topoisomerase
I null mutants fail to produce full-length mRNA, which can be suppressed by overexpressing RNase H
(Baaklini et al. 2004). In S. cerevisiae too, the topoisomerase 1 and 2 double mutant has been shown to
accumulate R-loops at the rDNA loci, and is defective in rRNA synthesis (Hage et al. 2010). The
genome instability phenotype in mammalian cells with Top1 knockdown, described above, is also R-
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loop-dependent and is suppressible by overexpressing RNase H1 (Promonet et al. 2020; Tuduri et al.

2009).

On top of RNase H, multiple nucleases are also involved in R-loop processing that contribute
to both replication-dependent or independent genome instability. This includes XRN2, a 5°-3°
exoribonuclease, which is recruited to sites of DNA damage to resolve R-loops (Dang and Morales
2020; Morales et al. 2016; Skourti-Stathaki, Proudfoot, and Gromak 2011), as well as the nuclear
exosome, a multi-subunit 3’-5 exoribonuclease (Papadopoulos et al. 2022). Interestingly, certain DNA
repair factors such as CTBP-interacting protein (CtIP), and factors involved in TC-NER such as XPF
and XPG, are implicated in excising the DNA at R-loops, generating DNA breaks in the process
(Goulielmaki et al. 2021; Makharashvili et al. 2018; Sollier et al. 2014; Stork et al. 2016). Whether this
actively promotes genome stability by facilitating R-loop resolution, or is a pathological byproduct

from sites with prolonged R-loop formation, is uncertain.

Helicases and translocase represent another important class of enzyme that resolve R-loops. In
bacteria, helicases such as DinG, UvrD, and Rep genetically interact with RNase H, and resolve
replication stress resulting from HO collisions (Boubakri et al. 2010). In humans and yeast, the
DNA:RNA helicase Senataxin (SETX in human; Sen1 in yeast) plays a major role in R-loop resolution
to limit TRC-induced DNA damage (Alzu et al. 2012; Cohen et al. 2018; Costantino and Koshland
2018; Mischo et al. 2011; Skourti-Stathaki et al. 2011), although Senataxin, as a helicase capable of
unwinding not only DNA:RNA hybrid, but also dsSDNA and dsRNA (Kim, Choe, and Seo 1999), has
also been shown to participate in Pol III termination and replication termination (Choudhary et al. 2023;
Rivosecchi et al. 2019). In S. cerevisiae, the Pifl family replicative helicases — Pifl and Rrm3, on top
of transcription-independent general regulation of replication fidelity (Choudhary et al. 2023),
promotes replication through various structures and sequences prone to TRC, including rDNA loci
(Ivessa, Zhou, and Zakian 2000; Torres, Bessler, and Zakian 2004), highly transcribed euchromatic
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regions (Azvolinsky et al. 2009; Felipe-Abrio et al. 2014), as well as G4s and R-loops (Dahan et al.
2018; Kumar et al. 2021; Schauer et al. 2020; Varon et al. 2023). Multiple members of the RecQ family
helicase, including Bloom syndrome protein (BLM) and Werner syndrome helicase (WRN), on top of
its canonical functions in DNA metabolism (Chu and Hickson 2009), also contribute to R-loop
resolution (Chang et al. 2017; Marabitti et al. 2019; Tan et al. 2020). A host of DEAD box RNA-
helicases has been found to cause R-loop accumulation and genome instability in their absence, and/or
display DNA:RNA hybrid unwinding activity in vitro (Yang et al. 2023). Some notable examples
include DHX9 (Chakraborty and Grosse 2011; Cristini et al. 2018), DDXS5 (Mersaoui et al. 2019; Sessa
etal. 2021), and DDX21 (Kim et al. 2020; Song et al. 2017). Finally, several fork remodelers, including
SMARCALI, ZRANB3, and FANCM, have been shown to efficiently zip-up dsDNA, thereby

displacing the RNA from DNA:RNA hybrid (Hodson et al. 2022; Pugliese et al. 2019).

In higher eukaryotes, R-loops, especially promoter-proximal ones, frequently reside in GC-rich
sequences that are also prone to forming G4s; this G4/DNA:RNA hybrid structure, known as G-loops
(Duquette et al. 2004), poses a significant threat to replisome progression as the two structures
reinforces the stability of each other (De Magis et al. 2019; Kumar et al. 2021). Therefore, helicases
such as regulator of telomere elongation (RTEL) and Fanconi anemia (FA) protein J (FANCJ), appear
to limit R-loop-induced genome instability by processing G4 structures (Castillo Bosch et al. 2014;

Kotsantis et al. 2020; W. T. C. Lee et al. 2021; Wu, Shin-ya, and Brosh Jr. 2008).

1.4.4 Fork response in face of replication stress

The replication machinery has long been known to respond dynamically to obstacles and
cellular stresses (Berti, Cortez, and Lopes 2020; Branzei and Foiani 2010). On top of the leading and
lagging strand DNAPs Pol € and Pol 6 respectively, the primase Pol o, as well as the replicative CMG
helicase composed of the Mcm?2-7 complex, Cdc45, and GINS complex (composed of SId5, Psfl, Psf2,

and Psf3), the replisome also consists of many accessory factors that regulate the activity of the
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replisome. One such factor is the fork protection complex (FPC), comprising the heterodimer Tofl and
Csm3 (Swil and Swi3 in S. pombe; TIMELESS and TIPIN in humans), the checkpoint protein Mrcl
(CLASPIN in human), and the accessory factor Ctf4 (Mcll in S. pombe, AND-1 in human). FPC serves
important regulatory functions in promoting processivity and controlling the speed of replication in
face of stress (Errico and Costanzo 2012; Patel and Kim 2023). In S. cerevisiae cells lacking Tofl or
Mrcl, and in human cells depleted of TIMELESS, DNA combing shows a global decrease in replication
speed (Tourriére et al. 2005; Unsal-Kagmaz et al. 2007), suggesting FPC is required for efficient
elongation. The underlying mechanism appears to be a dynamic regulation to promote fork stability,
rather than merely stimulating replication. For example, Tofl/Csm3 and Swil/Swi3 are required for
stable fork pausing at RFBs, and their absence leads to fork collapse and necessitates fork restart by
recombination-dependent replication (RDR, see below) (Calzada et al. 2005; Noguchi et al. 2003, 2004).
At a global level, replication slows down in the presence of HU, but disrupting Tof1 and Mrc1 leads to

elevated fork velocity despite the underlying stress (Katou et al. 2003).

Intrinsically, the discontinuous nature of lagging strand synthesis permits lesion bypass; but
lesion blocking leading strand synthesis generally leads to the uncoupling between the CMG helicase
and the DNAPs (Taylor and Yeeles 2018). Here, FPC coordinates the activities of DNA synthesis and
parent strand unwinding to limit fork uncoupling. Structurally, the Tof1/Csm3 heterodimer interacts
with the Mcm2-7 complex but is ahead of the helicase itself (Bareti¢ et al. 2020; Jones et al. 2021), and
in vitro it inhibits the ATPase activity of the helicase (Cho et al. 2013). FPC also interacts with Pol ¢
and stimulates its activity, but this association is dynamic, as determined through single molecule
studies (Aria et al. 2013; Lewis et al. 2017). Despite the built-in mechanism, fork uncoupling appears
to be fairly common, and very low doses of genotoxic treatment can trigger global fork uncoupling
without activating the replication checkpoint (Zellweger et al. 2015). Fork uncoupling entails the
accumulation of unreplicated ssDNA, which is rapidly coated by the ssDNA-binding heterotrimer
replication protein A (RPA) (Bhat and Cortez 2018); ssDNA-RPA, together with other co-activators
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recruited to a stalled fork, in turn activates the replication checkpoint kinase ATR (Mec1 and Rad3 in
S. cerevisiae and S. pombe respectively) (Byun et al. 2005; Saldivar, Cortez, and Cimprich 2017). Once
activated, ATR phosphorylates and thereby activates a crucial effector, CHK1 (Rad53 and Cds1 S.
cerevisiae and S. pombe respectively), and together the two kinases trigger global responses such as
cell cycle arrest and blocking origin firing. Activated ATR also regulates individual fork behavior by
phosphorylating replisome components such as Mcm2-7, FPC, as well as many fork remodeling
enzymes (see below) (Errico and Costanzo 2012). This directly affects the recruitment of repair and
restart factors to stalled forks, modifying the fork repair pathway choice. In S. cerevisiae, rad53A
mutants under genotoxic stress accumulate replication intermediates and have a high level of collapsed

forks, indicating defects in fork stabilization (Lopes et al. 2001; Tercero and Diffley 2001).

Fork uncoupling followed by the accumulation of RPA-coated ssDNA appears to be a universal
trigger to initiate fork remodeling (Berti et al. 2020; Kondratick, Washington, and Spies 2021; Sale
2012). Depending on the nature of the lesion, the fork can undergo damage bypass, which includes
repriming synthesis downstream of the lesion; the error-prone translesion synthesis (TLS) pathway;
and the error-free template switching. Replication forks can also undergo fork remodeling and
replication restart via a number of homology-dependent repair pathways. In certain cases, the
replication fork is cleaved by endonucleases, leading to controlled fork collapse and the broken fork is

restarted using HR factors (Conti and Smogorzewska 2020).

Repriming is a lesion bypass pathway that acts via synthesizing a new primer downstream of
the lesion. Lesions affecting the lagging strand are efficiently bypassed, due to the inherently
discontinuous nature of synthesis. This has been shown in vitro for both E. coli and S. cerevisiae
replisomes (Mclnerney and O’Donnell 2004; Taylor and Yeeles 2018). Using Xenopus egg extract, it
has also been shown that the primase Pol o is recruited to stalled forks to promote lagging strand bypass
(Parrilla-Castellar and Karnitz 2003; Van et al. 2010). Leading strand repriming is also observed, albeit
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less inefficient than on the lagging strand. In E. coli, leading strand synthesis only transiently stalls
when encountering a lesion, and is reinitiated downstream using the canonical DnaG primase (Yeeles
and Marians 2011, 2013). In S. cerevisiae, the leading strand can be reprimed by Pol a, although this
occurs at a low frequency and only at forks stalled by specific lesions (Taylor and Yeeles 2018, 2019).
In metazoans, a specialized TLS polymerase with inherent primase activity, PrimPol

(Primase/Polymerase), allows fork restart after a leading strand lesion (Tirman et al. 2021).

TLS refers to the use of specialized DNAPs instead of the replicative polymerases to replicate
past lesions with a high error rate (Ma, Tang, and Guo 2020; McVey et al. 2016). TLS is triggered by
RPA accumulated onto ssDNA, which recruits Rad6/Rad18 to monoubiquitinate PCNA (Davies et al.
2008). This in turn recruits various TLS polymerases via their C-terminal ubiquitin-binding domain
(Bienko et al. 2005; Kannouche, Wing, and Lehmann 2004). PrimPol can also mediate TLS, and is
recruited noncanonically, in a PCNA-independent way (Tirman et al. 2021). PCNA can also be
polyubiquitinated by Rad5, which signals the switch from TLS to template switching, in which the
nascent strand bypasses the lesion on one template by jumping onto another DNA strand to continue
synthesis. Whether a fork will utilize TLS, template switching before undergoing further fork

remodeling events remain poorly understood (Kondratick et al. 2021; Sale 2012).

When bypass mechanisms are not utilized, the uncoupled fork undergoes remodeling and
processing to stabilize the stalled fork and to facilitate restart. Critical to this process is the formation
of Rad51 filament onto ssDNA. Widely known for its role in HR-based DSB, the evolutionarily ancient
protein Rad51 also has genetically separable functions in regulating fork dynamics (Bhat and Cortez
2018; Bonilla et al. 2020; Shinohara et al. 1992). By itself, Rad51 cannot displace RPA, but requires
RADS51 mediators: in vertebrates the main RADS51 loader is BRCA2, and Rad52 is the functional

equivalent in yeast (Sung 1997:199). A number of accessory factors are involved in fine-tuning the
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biochemical activity of Rad51 filament assembly and stability, underscoring its central role in fork

remodeling.

One mode of fork remodeling involves the conversion of the replication fork into a four-way
junction, known as Holliday junction, by a process called fork reversal. It involves the backward
translocation of the fork, re-annealing the two newly synthesized strands. Originally thought of as a
pathological by-product of a collapsed fork, fork reversal is now known to be a common physiological
response that contributes to DNA damage tolerance (Berti et al. 2020; Neelsen and Lopes 2015; Qiu et
al. 2021). Many factors participate in fork reversal. Efficient fork reversal requires RADS1 (Zellweger
et al. 2015), but its action is noncanonical, as the process is BRCA2-independent (Mason et al. 2019;
Mijic et al. 2017), although once formed, canonical BRCA2-mediated RADS51 filament stabilizes the
reversed fork (Bhat and Cortez 2018; Mijic et al. 2017). Disrupting Rad51 accumulation can therefore
affect fork reversal. For example, RADX, a metazoan-specific protein, displaces RADS51 and therefore
limits fork reversal (Bhat et al. 2018; Dungrawala et al. 2017); similarly, the RecQ family helicase
RECQS5 unwinds RADS1 filament to prevent excessive fork reversal (Chappidi et al. 2019). Multiple
helicases have been shown to both promote fork reversal and unwind the reversed forks. This includes
the RecQ family helicases BLM and WRN (Kanagaraj et al. 2006; Machwe et al. 2006; Machwe, Karale,
et al. 2011; Machwe, Lozada, et al. 2011), RAD54 (Bugreev, Rossi, and Mazin 2011), and the SNF2
family chromatin remodeler SMARCALI1 (Bétous et al. 2013; Couch et al. 2013). Interestingly,
SMARCALT has been shown to have substrate specificity, being recruited to stalled forks via RPA,
and promotes fork reversal when the leading strand in blocked, while inhibiting reversal when the
lagging strand is blocked instead. Other helicases appear to preferentially promote fork reversal. This
includes the UvrD family helicase FBH1 (Fugger et al. 2015); ZRANB3, which is recruited to stalled
forks via binding to polyubiquitinated PCNA (Vujanovic et al. 2017); HLTF, which is recruited by
binding to the 3’-OH group of leading strand DNA via the HIRAN domain (Achar et al. 2015; Kile et
al. 2015); and the FA protein FANCM (Gari, Décaillet, Delannoy, et al. 2008; Gari, Décaillet, Stasiak,
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et al. 2008). Finally, the RecQ family helicase RECQ1 appears to strictly unwind the reversed fork, and
DNAZ2 mediates end cleavage of the reversed fork to promote its resolution (Berti et al. 2013; Hu et al.
2012; Thangavel et al. 2015). These helicases and nucleases have different binding affinity to various

replication intermediates, but exactly how they are coordinated and selected remains poorly understood.

Fork reversal is thought to promote genome stability in multiple ways (Bhat and Cortez 2018;
Thakar and Moldovan 2021). First, it slows down and stabilizes the replication fork, allowing time for
repair or for replication to be completed from a nearby converging fork. However, the regressed arm is
known to be susceptible to various nucleases, and factors such as RAD51/BRCAZ2, as well as the end-
joining factor Ku are recruited to promote fork stability by limiting resection (Teixeira-Silva et al. 2017).
Second, fork reversal places the lesion back into duplex DNA, allowing excision repair. Third, in cases
where the lesion occurs on only one strand, fork reversal provides an undamaged template from a
nascent strand to another, allowing bypass synthesis. Finally, structure-specific endonucleases such as
MUSS1/EMEIL, MUS81/EME2, SLX1/SLX4 can promote fork incision, allowing for repair by RDR

(Neelsen and Lopes 2015; Wyatt and West 2014).

Regardless of whether the stalled fork is reversed or not, replication fork restart mechanisms
allow resumption of DNA synthesis once the stress is removed. As described above, helicases such as
RECQI can catalyze branch migration, converting the reversed fork back to a three-way junction.
Nucleases such as WRN and DNA2 can process the regressed arm into canonical fork structure.
Additionally, reversed forks can be restarted in a HR-dependent way, in which controlled resection of
the regressed arm allows for the formation of Rad51 filament, which allows for strand invasion ahead

of the Holliday junction (Ait Saada et al. 2018; Chakraborty, Schirmeisen, and Lambert 2023).
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1.4.5 Mechanisms and responses to TRC

Naked R-loops can be bypassed in both CD- and HO-TRCs. Whereas naked R-loops in HO-
TRC are bypassed by the lagging strand, they are translocated by the CMG helicase in CO-TRCs, and
can be efficiently bypassed with Pol a repriming synthesis with the R-loop as primer. If the 5’-end of
the R-loop is not annealed, the helicase can unwind the DNA:RNA hybrid, releasing the RNA in the
process (Kumar et al. 2021). When the R-loop is associated with a RNAP — as is expected in most
physiological conditions — the outcome is less clear. RNAP engages both strands of DNA during
transcription (Barnes et al. 2015; Osman and Cramer 2020), necessitating alternative restart
mechanisms. Nevertheless, PrimPol has been shown to facilitate leading strand bypass of HO-TRC in
a (GAA), region prone to R-loop and G4 formation (Svikovi¢ et al. 2019). The CMG helicase can also
bypass protein-DNA crosslink (Sparks et al. 2019), suggesting the possibility of replication bypass of
RNAP. Extensive fork remodeling has also been implicated in TRC. In one study using human cells,
replication fork restart after R-loop-induced stalling is shown to be partly dependent on fork reversal
factors RECQ5 and the fork incision enzyme MUS81/EME1, suggesting fork reversal and cleavage as
one of the responses to TRC (Chappidi et al. 2019). Such activity appears to be tightly regulated, as
TRC-triggered fork reversal and MUSS1 activity can activate ATR, which in turn inhibits MUSSI,

limiting excessive fork cleavage (Matos et al. 2019).

As mentioned in the previous section, the stability of RNAP directly influences its potential to
induce replication stress, and a number of factors are involved in resolving stalled RNAP and associated
R-loops. In the case of TRC, replication stress response has been shown to actively influence RNAP
stability, facilitating conflict resolution. In bacteria, UvrD and Rep, the accessory helicases that
associate with the replisome, can remove stalled RNAP, facilitating replisome progression (Hawkins
etal. 2019). In eukaryotes too, same replicative factors have dual functions in transcriptional regulation.
ATADS is a PCNA unloader to facilitate replisome removal after replication completion, and is also
responsible for PCNA de-ubiquitination during DDR, finetuning downstream process triggered by
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PCNA post-translational modification (K. Lee et al. 2012). Curiously, ATADS has also been shown to
interact with RNA helicases implicated in R-loop resolution, such as DHX9, DDXS5, DDX21 (Kim et
al. 2020). Recently, observations in human cells suggest Pol II also signals its removal on encountering
a replication fork. In particular, active Pol II recruits TRIM2S8, an E3 ligase that mediates PCNA
SUMOylation, which is recognized by chromatin remodelers such as FACT, and is therefore

hypothesized to facilitate Pol II removal (Li et al. 2018, 2020).

ATR signaling has also been implicated in promoting Pol Il removal. In yeast, Mec1 physically
interacts with the transcription regulators PAF1 complex (PAF1C) and histone remodeler INO8O
complex; phosphorylation of PAF1C is required for efficient Pol II removal in the presence of HU
stress to promote replication (Poli et al. 2016). Agreeing with this, INO80 co-localizes with R-loop and
participates in limiting R-loop-induced replication stress (Prendergast et al. 2020). A recent study also
provides evidence that Mecl signaling facilitates Pol III eviction to limit replication stress (Hurst et al.

2021).

In summary, despite our understanding of the potential of transcription to cause genome
instability, and the fork response to replication stress, exactly how the two machineries respond to their
encounter remain poorly understood. Further research is required into elucidating the factors
influencing fork respond pathway choice in face of the transcription machinery, and the rules governing

whether the RNAP is bypassed or removed.

1.5 Exploring the role of RNAI in limiting transcription-replication stress

RNAI has a well-documented chromatin function in transcription regulation. As described
above, nuclear Argonautes of both S. pombe (Agol) and plants (AGO4/6 in A. thaliana) are loaded
with siRNA to target nascent transcripts and mediate CTGS and RdDM respectively (Martienssen and
Moazed 2015; Wendte and Pikaard 2017). In mouse, C. elegans, and D. melanogaster, certain PIWI
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proteins also mediate TGS via targeting nascent RNA through their associated piRNAs (Onishi,

Yamanaka, and Siomi 2021; Ozata et al. 2019).

Accumulating evidence suggests that RNAi, beyond acting on silent heterochromatin, can also
be targeted to euchromatic regions, sometimes via a noncanonical, SRNA-independent mechanism
(Nazer, Gomez Acuia, and Kornblihtt 2022). In D. melanogaster, one study has shown the AGO2-
DCR2 complex interacts with promoter-proximally paused Pol II and negative elongation factor (NELF)
to repress the expression of heat-shock-induced genes, and the recruitment appears to depend on sSRNA
mapping to the antisense strand (Cernilogar et al. 2011). In another study, also in D. melanogaster,
AGO1 has been shown to physically interact with Pol II, as well as with the Mediator complex
(Zaytseva et al. 2020) — a large, multi-subunit transcriptional co-activator (Soutourina 2018) — and to
act as a transcriptional repressor of the growth factor Myc. In 4. thaliana, AGO1 binds to TSSs and
TTSs in a sSRNA-dependent manner, and acts as a transcriptional co-activator (Liu et al. 2018). As
described above, the same was observed for D. melanogaster, where AGO2 localized to actively paused
genes, and was proposed to fine tune transcription elongation in coordination with NELF (Cernilogar
et al. 2011; Nazer, Dale, Chinen, et al. 2018; Nazer, Dale, Palmer, et al. 2018). In mammalian cells too,
human AGO2 was proposed to be recruited via promoter-derived RNA to promote transcription
(Matsui et al. 2013). Therefore, there is evidence for Argonaute acting as both a transcriptional activator
and repressor, and via sSRNA-dependent and independent ways. The exact mechanism of its recruitment
is unclear, and likely differs among species, although DNA:RNA hybrids — which is abundant in
promoter with a paused RNAP (see above) — have been proposed as the binding site for Argonautes

(Nazer et al. 2022).

Dicer has also been shown to interact with euchromatic transcriptional processes. As mentioned
above, D. melanogaster DCR2 interacts with AGO2 at promoters (Cernilogar et al. 2011); human
DICER too, interacts with Pol II and chromatin, and immunoprecipitation-mass spectrometry (IP-MS)
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indicates that nuclear phosphorylated DICER interacts with many general transcription factors
including Mediator (Reyes-Castro et al. 2023; White et al. 2014). Recently, DICER has been shown to
bind and cleave R-loops, and has also been implicated in binding to Pol II transcription termination
paused sites (Camino et al. 2023; Hatchi et al. 2021). In particular, DICER, AGO1, and AGO2 are
involved in the generation of a population of sSRNA called single-stranded, DNA-damage-associated
SRNA (sdRNA) at the site of Pol II pausing. Knocking down either factors leads to accumulation of
ssDNA breaks accumulate that can be rescued by transfecting a sequence-specific sARNA (Hatchi et
al. 2021). In mESCs lacking Dicer, the chromosome segregation defect can be suppressed by mutating
BRD4 (Gutbrod et al. 2022), which, limits R-loop-induced TRC by facilitating efficient transcription
elongation (Edwards et al. 2020; Lam et al. 2020). This suggests that Dicer, too, has a role in

transcription regulation, potentially at paused sites where R-loops accumulate.

RNAI occurs in S-phase to promote epigenetic inheritance, suggesting the need to coordinate
with replication in space and time (Kloc et al. 2008; Li, Martienssen, and Cande 2011), and Dcr1 helps
to terminate transcription at tDNA, tRNA genes, as well as highly transcribed Pol II transcripts to limit
replication stress (Castel et al. 2014; Zaratiegui et al. 2011). In the absence of Dcrl, persistent DNA
damage is observed, and cells progressively lose rDNA copies. We therefore set out to use S. pombe to
further dissect the consequences to transcription and replication in the absence of Dcrl. We discovered
that Dcrl regulates Pol II pausing at the promoter, engaging Agol and sSRNA, and in doing so limits
mis-regulation of transcription elongation, which induces replication stress. The process is dependent
on R-loops, and the role of Dcrl becomes more important when R-loops accumulate in RNase H-
deficient cells. An intact, fully functional Dcrl is important for this function, but we found that the
helicase domain plays a prominent role to genome stability, attributing a novel function to this domain.
In the absence of Dcrl, DNA damage accumulates around TSS, and replication progresses slower when

encountering transcription head-on. Replication forks also stall more frequently, necessitating the use
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of recombination-dependent fork restart pathway. We hypothesize Dcrl acts as a functional equivalent

to the Integrator complex, which terminates pathological, paused Pol II in higher eukaryotes.
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Chapter 2: Materials and methods

2.1 Yeast strains and culture

All strains used in this study are detailed in Table S1. All cultures were grown at 30°C in
standard media with supplement (YES). Knockout mutants were generated following lithium-acetate
transformation protocol (Murray, Watson, and Carr 2016) with cassettes generated using primers listed
in Table S2. Higher order mutants were either generated by further direct transformation or by crosses
on ME plates. For spot assays, mid-log phase cells were harvested and spotted with 10-fold serial
dilutions. Cells were let grown for 3 — 5 days at 30 °C before being photographed. For doubling time
analyses, overnight cultures were diluted and let grown into early log phase, before O.D. measurements
were taken every ~60 minutes. Doubling time was estimated by fitting the data with an exponential
curve using a simple R script. Go survival assay was performed by Benjamin Roche as previously

described (Roche, Arcangioli, and Martienssen 2016).

2.2 Purification of Dcrl

Derl purification was performed by Sonali Bhattacharjee. FLAG-Derl strain was tested for
functional silencing. 5 L of YES medium was inoculated with 10 — 15 mL of saturated overnight culture
and grown to O.D. of 1 — 1.5. Cells were spun at room temperature and washed with distilled water and
frozen for storage at -80 °C. The cell pellet was then resuspended in equal volumes lysis buffer (50 mM
HEPES (pH 7.6), 300 mM potassium acetate, 5 mM magnesium acetate, 20 mM B-glycerol phosphate,
1 mM EGTA, 1 mM EDTA, 0.1% (v/v) NP-40) containing protease inhibitors. The suspension was
aliquoted into 500 pL fractions in microcentrifuge tubes to which an equal amount of acid washed glass
beads was added. The cells were disrupted in a FastPrep machine (4 rounds of disruption at 6 m/s). The
cell lysate was then spun at 14,000 rpm for 15 min at 4 °C. The supernatant was transferred to a 50 mL
Falcon tube and incubated with 500 pL of pre-washed anti-Flag-M2 agarose (Sigma) for 2 - 3 hrs at 4

°C. The beads and immobilized proteins were harvested by centrifugation at 500 x g, loaded on a Bio-
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Rad Polyprep column and washed three times with 10 ml lysis buffer minus proteases. Bound protein
was eluted with 3 x 500 pL fractions with the same buffer containing 0.2 mg/mL 3 x Flag peptide

(Sigma).

2.3 Electrophoretic mobility shift assay

EMSA assays were performed by Sonali Bhattacharjee. Reaction mixtures (20 puL) consisted
of 0.5 nM labelled synthetic nucleic acid substrate (Table S3) in Binding Buffer (50 mM Tris-HCI, pH
8.0, 1 mM DTT, 100 ug/mL BSA, 6% v/v glycerol). Reactions were started by adding proteins as
indicated and held on ice for 15 min. The reaction mixtures were then loaded onto a pre-equilibrated 4
% mnative polyacrylamide gel in low ionic strength buffer (6.7 mM Tris-HCI pH 8.0), 3.3 mM sodium
acetate, 2 mM EDTA pH 8.0). Samples were run in the gels at 200 V for 90 min with continuous buffer
recirculation throughout. For all experiments, both buffer and gel were pre-cooled at 4 °C, and
electrophoresis was done at room temperature. Gels were dried on 3 MM Whatman paper and exposed
to phosphorimager screens overnight. Exposed screens were scanned using a Fuji FLA-3000
Phosphorlmager. All the quantification was done with ImageQuant software (Fuji ImageGauge). All

assays were repeated three times to ensure reproducibility.

2.4 Microscale thermophoresis

MST experiment was performed by Sonali Bhattacharjee. The sequences of oligonucleotides
used are listed in table S3. DNA was labeled using the 5° EndTag nucleic acid labeling system (Vector
laboratories, MB-9001), with Alexa Fluor™ 647 C, Maleimide (ThermoFisher, A20347). DNA:RNA
hybrid was annealed in a 20 pL reaction consisting of 125 ng of labeled DNA, an equimolar amount of
RNA, 1.2 pL of 5M NaCl, and 16.8 pL 1M TE pH 7.0. 500 pM of DNA:RNA hybrid and 500 nM of

Dicer was used for MST using the Monolith NT.1155 pico machine.
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2.5 PRO-seq

PRO-seq libraries were performed as described (Judd et al. 2020), except cell permeabilization,
run-on, and RNA extraction were performed following Mahat et al. 2016 to adapt for yeast cells. Briefly,
cells were permeabilized and run-on was performed with 2-biotin, omitting biotin-11-ATP and biotin-
11-GTP. Total RNA was extracted using hot phenol approach as described (Mahat et al. 2016). The
RNA was base hydrolyzed and excess unincorporated biotin-NTPs were removed before undergoing
on-bead library prep as detailed in Judd et al. 2020. The libraries were sequenced on Illumina NextSeq
platform. Reads were processed and filtered using fastp (Chen et al. 2018), mapped with Bowtie2
(Langmead and Salzberg 2012), and clipped to the 5’ position using Bedtools (Quinlan and Hall 2010)
to map the position of Pol II at nucleotide resolution. The resulting BedGraph file was normalized by
the total amount of reads and converted to BigWig format before being analyzed on R using custom
scripts. Pausing indices (PIs) and termination indices (Cls) were calculated as previously described
(Booth et al. 2016) — PI was defined as the ratio between the number of reads from annotated TSS to
+150 bp, and the number of reads from the +250 bp to annotated TTS, and for CI, it was defined as
written in Booth ez al., 2016, “the ratio of the highest density 100 bp window within 500 bp downstream
from the CPS to the gene body”. The window was first identified in WT, and the same window was

used for other mutants.

2.6 RT-qPCR and RNA-seq

Total RNA was purified from mid-log phase cells using Direct-zol RNA Miniprep Kit (Zymo
Research) following manufacturer’s instructions, including the use of ZR BashingBead Lysis Tubes to
lyse open the cells in TRI Reagent. DNA was removed using DNase I (Zymo Research) and purified

using RNA Clean & Concentrator (Zymo Research).

For RT-qPCR, cDNA was generated from 1 pg of total RNA using SuperScript [V Reverse

Transcriptase (Invitrogen 18090010) and random hexamer following the manufacturer’s instruction.
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The cDNA was diluted 1:20 and 2 pL of diluted cDNA was used per reaction. PowerUp SYBR Green
Master Mix (Applied Biosystems) was used and measurements were taken using QuantStudio 5 or 6

machines (Applied Biosystems). The runs were analyzed with the AACt method, with Act/ as control.

For RNA-seq, Ribosomal RNAs were depleted using RiboMinus Transcriptome Isolation Kit,
Yeast (Invitrogen), and libraries were made using NEBNext Ultra II Directional RNA Library Prep Kit
(NEB). The barcoded multiplex libraries were pooled and sequenced on Illumina NextSeq platform.
The reads were trimmed using cutadapt (Martin 2011) and quantified using Salmon (Patro et al. 2017),
using transcriptome annotation data from PomBase. Downstream data analyses were performed on R

using custom scripts and with DESeq2 (Love, Huber, and Anders 2014).

2.7 sRNA-seq

Total RNA was purified as described above, and libraries were prepared using NextFlex Small
RNA-seq v3 Kits (PerkinElmer) and sequenced on NextSeq Illumina platform. Reads were first filtered
and trimmed using fastp (Chen et al. 2018). Duplicated reads and reads smaller than 20 nt or larger than
70 nt were discarded. Reads were mapped mapped to the S. pombe genome using Bowtie2 (Langmead

and Salzberg 2012), and normalized to RPM before analysis using custom R scripts.

2.8 Suppressor screen

EMS mutagenesis was carried out as previously described (Winston 2008). Briefly, 1 x 10° the
triple mutant yeast cells were harvested at mid-log phase, washed with sterile water and resuspended
in 1.5 ml of 0.1 M sodium phosphate buffer (pH 7.0) and treated with 50 uL of EMS (Sigma M0880)
for 1 h, 30 °C. 0.2 mL of treated cells was moved to 8 mL of sterile 5% sodium thiosulfate to inactivate
the EMS. Cells were washed, resuspended in sterile water and plated on YES plate supplemented with

5 mM HU. Single colonies were allowed to recover on YES plate before re-streaking to HU plates to
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verify suppression. For whole-genome sequencing, genomic DNA was purified using Quick-DNA
Fungal/Bacterial Kits (ZymoResearch). DNA library was constructed NebNext Ultra Il DNA Library
Prep Kit for [llumina (NEB E7645). Barcoded DNA library was sequenced using Illumina NextSeq500
Paired-End 76 bp and analyzed as previously described (Roche et al. 2016). Briefly, reads were adapter-
trimmed and quality-filtered using Sickle (paired-end mode), then mapped to the S. pombe genome
using Bowtie2 (Langmead and Salzberg 2012). Duplicate reads were removed using Samtools, and
SNPs were called using FreeBayes to find SNPs present in suppressor strain but absent in the parental

strain (Garrison and Marth 2012).

Ten suppressors were isolated that conferred resistance to CPT (Fig. 2.1a-b, Table 1).
Suppressor #1 (LS03) carried a mutation in the fop! allele (topl-W647%), truncating the C-terminal
domain of Top1, which contains the catalytic tyrosine residue that forms transient covalent linkage with
DNA, and that which is stabilized by CPT (Redinbo et al. 1998). Re-introduction of this allele indeed
rendered every strain CPT-insensitive, but had little effect on TBZ or HU sensitivity (Fig. 2.1c). The
result validated the specificity of the EMS screen. Examining the rest of the suppressors, we found
multiple alleles involved in transcriptional processes and decided to focus on them. One allele, pafi-
D65N, was found in the suppressor #6 (LS08), mutated the key subunit of the Pafl complex (Paf1C)
which plays a key role in Pol Il initiation, elongation, and termination (Chen et al. 2015; Jachning 2010).
The mutation is a cancer-associated mutation in the COSMIC database, and is shown to disrupt a highly
conserved residue critical for stabilizing the interaction between Pafl and Ctr9, another Paf1C subunit
(Xie et al. 2018). We therefore tested this allele by re-introducing the allele to fresh mutants, but we
did not observe the allele conferring any CPT resistance (Fig. 2.1d). In S. pombe, the Paf1C is shown
to inhibit spurious sSRNA-based heterochromatin formation (Kowalik et al. 2015), either from sRNA
produced from an artificially introduced hairpin, or from Dcrl-independent sSRNA, referred to as primal
RNA (priRNA) (Halic and Moazed 2010), which appears to be degradation product of highly
transcribed genes. In PaflC mutants, ectopic heterochromatin islands indeed formed stochastically
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(Kowalik et al. 2015). Therefore, the original suppressor might have gained CPT resistance via random
disruption of gene expression, which would explain why such suppression was not observed in freshly
introduced strains, although we did not rule out that the suppression was caused by other alleles in the

original suppressor.

Two additional alleles were tested, and they also failed to suppress the triple mutant beyond
the original suppressor. One was c/r2-T497N, mutating the a subunit of the SHREC silencing complex
(Sugiyama et al. 2007), and its re-introduction to various mutants failed to confer CPT resistance (Fig.
2.1e). Another was pri53, which was recovered in 2 out of 10 suppressors (Table 1). Pri53 was
annotated as a highly transcribed IncRNA on PomBase, though it completely overlaps co-directionally
with a short protein-coding gene, SPAC27E2.11c, raising the possibility that it could be a mis-annotated,
bona fide protein-coding gene. We performed reverse transcription followed by PCR (RT-PCR) and
found that pri/53 and SPAC27E2.11c were distinct transcripts (Fig. 2.1f); prl53 was therefore likely a
legitimate IncRNA. Nevertheless, we backcrossed LS11 to the triple mutant and the presence of the
prl53 SNP (chr1:4009719 T->C) did not correlate with CPT resistance (Fig. 2.1g-h). The reason for the
inefficiency in obtaining genuine CPT suppressors was unclear, although it could be that metabolic
genes were preferentially selected than genuine transcriptional regulator, as many suppressors also

carried alleles mutating metabolic genes.

The EMS screen for HU-resistance was performed similar to the CPT screen (Fig. 2.2a). The
screen yielded multiple mutants affecting core transcription process, which is described in section 3.4.
We also isolated and verified two “bypass” suppressors. The first allele, isolated in LS15, was eplI-
T4494, a subunit of the NuA4 acetyltransferase complex. NuA4 complex acetylates histone H4, and
plays critical functions in transcription regulation as well as nucleotide excision repair (NER) (Hodges,
Plummer, and Wyrick 2019; Xu et al. 2016). In the case of H4 acetylation, global H4 acetylation is
mediated by the Piccolo subcomplex comprising the catalytic subunit Esal together with Eaf6, Yng2,
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and the N-terminus of Epll (Hodges et al. 2019). However, we found that ep//-T4494 was able to
suppress specifically the HU sensitivity of dcrlA single mutant at SmM (Fig. 2.2b), without noticeable
effect in the rnhlA rnh201A double mutant nor the triple mutant. Epl//-T449A was also able to suppress
the CPT sensitivity of dcrlA alone, suggesting a function other than in R-loop processing. In the
suppressor LS27, only one SNP was called from WGS data, which led to pof1-S449C. This was verified
by backcrossing and checking whether HU resistance was correlated with the presence of the SNP (Fig.
2.2¢). Pofl is a F-box protein that has been shown to downregulate Zip1, a transcription factor that is
activated in response to abiotic stress (Harrison et al. 2005); the HU resistance could then be explained
by general up-regulation of stress-resistance gene, especially since prolonged HU exposure is known

to induce the formation of reactive oxygen species (ROS) (Singh and Xu 2016).

In partaking the genetic analyses throughout this project, additional phenotypes of dcrl —
namely CHX and cold sensitivity — were revealed, especially when under certain genetic conditions.
As genes related to translation were up-regulated in the triple mutant (see Section 3.5), a hypothesis
explaining the sickness in the triple mutant was growth mis-regulation; this prompted us into testing
whether CHX, a translation inhibitor, and whether slowing down growth at low temperature would
have effects in the mutants. We did not find suppression by growing the triple mutant under low
temperature, and dcrlA displayed mild CHX sensitivity (Fig. 2.3a). Unexpectedly, we observed the
presence of suppressor alleles affecting transcription enhanced the sensitivities of dcr/A to these
conditions. Both rpb1-T481K and tfa2-L238* negatively interacted with dcriA in the presence of CHX
(Fig. 2.3a-b). The effect for rpb1-T481K was specific to dcriA, whereas tfa2-L238* also had a mild
interaction with rnhIA rnh201A. Additionally, in the tfa2-L238* background, dcrIA and rnhiA

rnh201A both had a cold sensitivity phenotype (Fig. 2.3a).

We also discovered that the helicase domain of Dcrl was involved in the novel phenotypes,
that which also supported dcrl-K384 being a dominant allele (see Section 4.3). dcrlA was able to
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suppress the CHX sensitivity of med20A, but this was not the case for dcr/-K38R nor dcri1-K384 (Fig.
2.3c), and in fact, the dcr1-K384 single mutant was hypersensitive to CHX. Finally, only dcri-K384,

but not der1-K38R nor deriA, failed to grow at a lower temperature (Fig. 2.3¢).
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Table 1. EMS suppressor screen for CPT-resistance. Causative SNP for LS03 was verified by
reintroduction into the triple mutant. When the causative SNPs were not verified, the most likely SNP(s)
among the candidates were highlighted.

Suppressor | Causative SNP | Candidate SNPs | Other SNPs

LS03 Topl-W647* | - chr1:5337536 G->C (smc5); chr2:3325781 C->G (dca7);
chr3:113406 G->C (mugl35)

LS04 - Ubr1-T1371K | chr1:3791335 A->T (emc5); chr2:3370202 T->A (rrn6);
chr3:1199092 A->G (fah2)

LS05 - Swr1-L461F chrl:1315009 C->T (tRNA); chr2:38471 G->A;
chr2:878995 G->A (adll); chr2:2139752 G->A (mtd1);
chr2:2398878 G->A (gcn2); chr2:3703878 G->A (utp4);
chr2:3752032 G->A (smp2); chr2:4227429 C->T (trp4)

LS06 - Rad24-D209Y | chrl:5512081 G->T (SPAC869.04); chr2:2368572 C->G
(nep2/ulpl); chr2:2890520 A->G (SPNCRNA.1560);
chr3:2072136 T->C (tRNA)

LS07 - - chr1:3367019 G->C (SPAC26A3.14c); chr2:237545 C-
>T (atg2); chr2:1562541 A->G (ask1); chr2:3280993 A-
>C (trs1); chr2:4256817 A->G (SPBC1652.02);
chr2:4328161 T->C (vps1302)

LS08 - Paf1-D65N chrl:1578113 T->G; chrl:2742566 C->A (rax2);
chr1:5434616 T->C (pgtl)

LS09 - Pri53 chr1:2854937 C->T (dph3); chr2:2887599 A->T;

(chr1:4009432 | chr3:67231 G>C

C->G)
LS10 - CIr2-T497N chrl:745633 A->C (ural); chr1:4856951 A->C (mpd2)
LS11 - Pri53 chr1:1449292 T->C

(chr1:4009719

T->C)

LS12 - - chr2:2824997 G->A (cyrl); chr3:572789 G->A (aspl);
chr3:1645153 A->G (osrl)
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Figure 2.1. Triple mutant suppressor screen on CPT resistance.

(a,b) Spot assay of WT, the triple mutant dcriA rnhIA rnh201A, and suppressors (a) #1-5 and (b) #6-
10 resulting from an EMS mutagenesis screen. Cells were spotted with 10-fold dilution on YES plates
without supplement or with CPT.

(c) Spot assay verification of one allele isolated, topl-W647%*, from the suppressor LS03.

(d,e) Spot assay verification of (d) pafi-D65N and (e) clr2-T497N from the suppressor LS08 and LS10,
respectively.

(f) RT-PCR analysis of the pri53 locus. Top: schematic of the pr/53 locus, highlighting annotated
transcripts upstream and downstream. Graphics modified from PomBase. Red arrows indicate the
primer used for PCR. Bottom: RT-PCR results showing the lack of amplification on lane D-F,
suggesting prl53 being a genuine IncRNA.

(g,h) Backcross analysis of LS11, carrying the prl53 SNP (Chr1:4009432 C—G@G), showing the lack of
correlation of CPT resistance to the presence of the SNP. SNPs in backcrosses (BC) were tested using

dCAPs (see methods).
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Figure 2.2. Verification of epl1-T449A4 and pof1-S449C from the HU suppressor screen.

(a) Representative spot assay of HU-resistant suppressors verification. WT, the triple mutant dcriA

rnhlA rnh201A, and HU-resistant colonies were spotted with 10-fold dilution on YES plates without

supplement or with HU or CPT.

(b) Spot assay verification of epll-T449A4 and from the suppressor LS15. Cells were plated with 10-

fold dilution on YES plates without supplement or with TBZ, HU, or CPT.

(c) Backcross verification of LS27, carrying the pof1-S449C, showing the correlation of HU resistance

to the presence of the SNP. Cells were plated with 10-fold dilution on YES plates without supplement

or with TPZ, HU, or CPT. SNPs in backcrosses (BC) were tested using dCAPs (see methods).

(d) Sequence alignment of a select region of pof1 from Saccharomyces cerevisiae (Sc), S. pombe (Sp),

Homo sapiens (Hs), and Mus musculus (Mm). Alignment was done using Clustal Omega with default

setting. Pof1-S449 is highlighted in red, showing conservation among multiple species.
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Figure 2.3. Cold and cycloheximide sensitivity of dcrIA cells in the presence of R-loops.

(a-b) Spot assay of WT, dcriA, rnhlA rnh201A, and the triple mutant in combination with (a) #fa2-
L238%* or (b) rpb1-T481K, with 10-fold dilution on YES plates in either low temperature or in the
presence of cycloheximide (CHX).

(c) Spot assay of WT and med20A in combination with dcrl helicase alleles (K38R and K384) and

derlA, with 10-fold dilution on YES plates in either low temperature or in the presence of CHX.
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2.9 Chromatin immunoprecipitation (ChIP) and ChIP-seq

ChIP was performed as described (Kim et al. 2014) with slight modifications. Briefly, 40 mL
of mid-log phase cells in YES were crosslinked with 1% formaldehyde for 20 minutes and quenched
with 360 mM glycine and 2.4 mM Tris for 5 minutes. Whole cell extracts were then prepared with
FastPrep-24 and the chromatin was sheared with BioRuptor using 15 cycles of 30s ON/30s OFF. 2 ug
of antibodies were pre-conjugated to 15 puL of Pierce Protein A/G Magnetic Beads (Thermo Scientific)
for ~3 hours at 4 °C before being added to the sheared chromatin and were incubated overnight at 4 °C.
The beads were washed and de-crosslinked with proteinase K and overnight incubation at 65°C. ChIP
DNA Clean & Concentrator (Zymo Research) was used to clean up the DNA, and libraries were
prepared using NEBNext Ultra II DNA Library Prep Kit (NEB). Indexed libraries were sequenced on
NextSeq Illumina platform. For data processing, the demultiplexed reads were first trimmed with
cutadapt (Martin 2011) before mapping to the genome using Bowtie2 (Langmead and Salzberg 2012).
Reads were converted to sorted bam files using Samtools (Li et al. 2009), which were then used to
generate normalized tracks using deepTools (Ramirez et al. 2014) and further analyzed using custom

R scripts.

2.10 GLOE-seq
GLOE-seq libraries were prepared as described (Sriramachandran et al. 2020) except
Zymolyase 100T was used instead of 20T for a more efficient spheroplasting. Data analyses were

performed using custom R scripts.

2.11 Long-read sequencing analysis of replication pattern
For replication analysis, the strain FY2317 (from Forsburg lab) carrying the Asv-tk and hENTI
transgenes (Hodson, Bailis, and Forsburg 2003) was used for pulse-chase experiments. Additional

mutants were created from FY2317 specifically for replication analyses (Table S1). All strains were
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tested for 5-fluoro-2’-deoxyuridine (FuDR, Sigma F0503) sensitivity and dot blots were performed to
confirm capability of BrdU incorporation (data not shown). The experimental procedure of pulse-
chasing experiment largely followed that described in (Theulot et al. 2022), and DNA extraction from
(Hennion et al. 2020), with slight modification. Briefly, 650 pM of BrdU was added to 50 mL of mid-
log phase cells for 2 minutes, before being chased with 6.5 mM of thymidine for 20 minutes. The cells
were then pelleted, washed twice with water, before being spheroplasted with 125 pL of 50 mg/mL
zymolyase 100T in 2 mL of Y1 buffer (IM sorbitol, 100 mM EDTA, pH 8.0, 14 mM B-
mercaptoethanol), for ~30 minutes at 30 °C or until > 90% cell lysis when made 1% with SDS.
Spheroplasts were then pelleted and lysed in 500 pL of 10% SDS, and incubated with 15 pL. RNase A
(Thermo Scientific) for 30 minutes at 50 °C. The lysate was cooled on ice, and 10 mL of TE and 5 mL
of 5M potassium acetate was added. After 10 minutes on ice, the lysate was cleared by centrifuging at
5,000 x g at 4 °C for 10 minutes. 1 volume of isopropanol was added to precipitate the DNA, and was
hooked using bent glass tip and washed twice with 70% ethanol. The hmwDNA was resuspended by
incubating in 100 pL. of TE at 50 °C for 30 minutes and its integrity confirmed by gel electrophoresis.
2 ng of hmwDNA was gently sheared by slowly pipetting up and down with a p200 tip, and library was
prepared using ligation sequence kit SQK-LSK109 (ONT) and sequenced using R9.4.1 chemistry flow
cells. Fork detection and replication speed analyses were done using NanoForkSpeed (Theulot et al.

2022).

2.12 Replication slippage assay

Replication slippage assays were performed by the Sarah Lambert laboratory (Institut Curie,
Paris Orsay). 5-FOA (EUROMEDEX, 1555) resistant colonies were grown on uracil-containing plates
with or without thiamine for 2 days at 30 °C. They were subsequently inoculated into EMMg
supplemented with uracil, with or without thiamine, for 24 hours. Cells were diluted and plated on

EMMg complete (for cell survival) and on EMMg uracil-free plates, both supplemented with 60 uM
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thiamine. To determine the reversion frequency, colonies were counted after 5 to 7 days of incubation

at 30 °C as previously described (Iraqui et al, 2012).

2.13 Analysis of replication intermediates by bi-dimensional gel electrophoresis.

2DGE experiments were performed by the Sarah Lambert laboratory (Institut Curie, Paris
Orsay). For analysis of fork progression within rDNA, 2 x 10° exponentially growing cells were mixed
with 50 ml of frozen Azide-Stop solution (0.5 M NaOH, 0.4 M EDTA, 0.2% sodium azide) and spun
down at 1,521 x g, 10 min at 4 °C. The pellet was washed in 20 mL cold water and spun at 3,434 x g,
5 min at 4 °C. Cells were resuspended in 5 mL NIB buffer (17% glycerol, 50 mM MOPS pH 7.2, 150
mM potassium acetate, 2 mM magnesium chloride, 500 uM spermidine and 150 uM spermine, 25
mg/ml of Lysing enzyme and 10 mg/mL of zymolyase 100T) and incubated at 37 °C for 15 min. Four
volumes of water were added and cells were spun down at 3,434 x g, 5 min at 4 °C. 5 mL of G2 buffer
(Genomic DNA buffer set, Qiagen) was added to the pellet and cells were gently resuspended and
incubated with 200 pL of 10 mg/mL RNase A, 200 pl of 20 mg/mL proteinase K, and 1.5%
lauroylsarcosine, at 50 °C for 1 hour. Cells were spun down at 3,434 x g, 5 min at 4 °C. The supernatant
was further incubated with 100 uL of RNase A, 100 puL of proteinase K for 1 hour at 37°C, whereas
the pellet was resuspended in 5 mL of Buffer G2 with 100 pL of RNase A, 100 uL of proteinase K,
1.5% lauroylsarcosine and incubated at 37 °C for 1 hour. Both the “pellet” and “supernatant” fractions
were spun down at 3,434 x g, 5 min at 4 °C and supernatants were transferred onto Genomic-tip 100/g
columns (Qiagen) according to the manufacturer instructions. DNA was eluted using 50 °C pre-warmed
elution buffer and precipitated with isopropanol. 5 pg of genomic DNA was digested with either 60
Units of BamHI or 60 Units of HindlIl and Kpnl enzymes. Precipitated DNA was run on 0.4% agarose
gel for the first dimension and a 1% agarose gel for the second dimension. DNA was capillary
transferred in 10X SSC onto nylon membranes and probed with a radio-labeled **P DNA probe

corresponding to the 1,354 bp EcoRI-EcoRI fragment from rDNA unit (obtained by PCR using the
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following primers: GAATTCGGTAAGCGTTGGATTG and GAATTCTTCTTTCACATCTCC) for
BamHI-digested sample or corresponding to 1,340 bp fragment of rDNA (obtained by PCR using the
following primers: CATGGTTACGGTTACATTGG and CCATCCCATATTTCGCACGA) for
HindlI-Kpnl-digested samples. Quantitative densitometry analysis of the resulted Southern-blots was

carried using a phosphor-imager (Typhoon-trio) and ImageQuant software (GE healthcare).

For replication analysis at the RTSI-RFB locus, 2.5 x 10° exponentially growing cells were
treated with 0.1% sodium azide and mixed with frozen EDTA. Genomic DNA was crosslinked upon
trimethyl psoralen (0.01 mg/mL, TMP, Sigma, T6137) addition to cell suspensions, for 5 min in the
dark with occasional swirling. Cells were then irradiated with UV-A (365 nm) for 90 s at a constant
flow of 50 mW/cm? (Kramarz, Saada, and Lambert 2021). Cell lysis was performed using 0.625 mg/mL
lysing enzymes (Sigma, L1412) and 0.5 mg/mL zymolyase 100 T (Amsbio, 120493-1). Resulting
spheroplasts were embedded into 2% low-melting agarose (Lonza, 50081) plugs. Next, plugs were
incubated overnight at 55 °C, in a digestion buffer with 1 mg/mL of proteinase K (Euromedex, EU0090),
prior to washing and storage in TE buffer (50 mM Tris, 10 mM EDTA) at 4 °C. DNA digestion was
performed using 60 units per plug of restriction enzyme Asel (NEB, R0526M). Samples were treated
with beta-agarase (NEB, M(0392L) and RNase A (Roche, 11119915001) and equilibrated to 0.3 M
NaCl. Replication intermediates (RIs) were purified using BND cellulose columns (Sigma, B6385;
Biorad, 731-1550), as previously described (Lambert et al. 2010). dsSDNA was eluted by washing with
0.8 M NaCl, 10mM Tris-HCI (pH 7.5), and 1 mM EDTA. DNA containing single-stranded regions,
such as Rls, was eluted by addition of 3 ml of 1 M NaCl, 10 mM Tris-HCI (pH 7.5), | mM EDTA, and
1.8% caffeine (Sigma, C-8960). RIs were precipitated with glycogen (Roche, 1090139001) and then
separated by two-dimensional electrophoresis using 0.35 % and 0.9 % (+EtBr) agarose gels (1x TBE)
for the first and second dimensions, respectively. Migrated DNA was transferred to a nylon membrane
(Perkin-Elmer, NEF988001PK) in 10x SSC and probed with **P-radiolabeled ura4 probe (TaKaRa
BcaBEST™ Labeling Kit, 6046 and alpha-**P dCTP, Perkin-Elmer, BLU013Z250UC) in Ultra-Hyb
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buffer (Invitrogen, AM8669) at 42 °C. Signal of replication intermediates was collected in phosphor-
imager software (Typhoon-trio) and quantified by densitometric analysis with ImageQuantTL software

(GE healthcare). The ‘tail signal’ was normalized to the overall signal corresponding to arrested forks.
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Chapter 3: Dcr1 limits R-loop-induced genome instability

3.1 Summary

Although widely known for its post-transcriptional function, RNA interference (RNAi) plays
an important role in the nucleus critical to genome stability (Castel and Martienssen 2013; Gutbrod and
Martienssen 2020). In the fission yeast Schizosaccharomyces pombe, Dicer (Dcrl) is required for small
RNA (sRNA)-dependent transcriptional silencing of pericentromeric heterochromatin (Volpe et al.
2002). Furthermore, Dicer also plays an RNAi-independent role in releasing RNA polymerase 11 (Pol
IT) to limit transcription-replication conflicts (TRCs) (Castel et al. 2014; Zaratiegui et al. 2011). Here,
we show that Dcrl resolves TRCs by regulating promoter-proximal, co-transcriptional R-loops. In
RNase H-deficient cells, which accumulate pathological R-loops, deleting Dcrl caused hypersensitivity
to genotoxic stresses reflecting TRCs. Genetic evidence from suppressor screens, and genomic
evidence from genome-wide transcriptional analysis, implicated Dcrl in regulating nascent
transcription and promoter-proximal pausing when R-loops accumulated. We also detected sSRNA of
24 — 40 nt from promoters, and its generation depended redundantly on Dcrl and RNase H. The genome
instability phenotype of dcri A can be suppressed by further deleting Agol. Therefore, Derl has a novel
function in resolving paused Pol II to limit TRCs, the role of which depends on Agol and promoter-

proximal SRNA.

3.2 Introduction

RNA interference (RNA1i), widely known for its post-transcriptional gene regulatory functions,
has an ancient and fundamental role in heterochromatic silencing and genome stability (Castel et al.
2014; Castel and Martienssen 2013; Gutbrod and Martienssen 2020; Volpe et al. 2002; Zaratiegui et al.
2011). In the fission yeast Schizosaccharomyces pombe, disruption of any of the RNAi components —
Dicer (Dcrl), Argonaute (Agol), or the RNA-dependent RNA polymerase Rdpl — impairs

pericentromeric heterochromatin formation and cohesin recruitment, leading to chromosome mis-
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segregation and failure to grow on the microtubule inhibitor TBZ (Hall et al. 2003; Volpe et al. 2003).
Beyond centromere functions, RNAi also assists in DNA damage response (Carmichael et al. 2004),
and in plants and animals, small RNAs (sSRNAs) are generated proximal to damage sites that are thought

to promote repair (Lee et al. 2009; Wei et al. 2012).

We previously discovered that Dcrl releases Pol II to limit TRCs (Castel et al. 2014; Roche et
al. 2016; Zaratiegui et al. 2011). Such function appeared to be independent of canonical RNAi. For
example, only dcrlA, but not agolA, accumulated Rad52 foci, indicating persistent DNA damage
(Zaratiegui et al. 2011); dcriA progressively lost IDNA copies over meiotic generations, but this was
not observed in agolA, nor in the RNase III catalytic dead allele dcri-5 (Castel et al. 2014). Dicer-
dependent chromosomal phenotypes have also been observed in mouse embryonic stem cells (mESCs)
and interact with similar suppressor and enhancer mutations as in fission yeast suggesting broad
conservation (Gutbrod et al. 2022). Nevertheless, how transcriptional processes are regulated by Dicer,

and how this prevents genome instability, remains poorly understood.

R-loops are three-stranded nucleic acid structure consisting of a DNA:RNA hybrid with the
displaced single-stranded DNA (ssDNA), and are thought to occur predominantly co-transcriptionally
(Brickner et al. 2022). Physiological R-loops can be beneficial, but mis-regulated R-loops can become
pathological, obstructing DNA replication and causing DNA damage and genome instability (Garcia-
Muse and Aguilera 2019; see Section 1.4.3). Two conserved ribonucleases, RNase H1 and RNase H2,
are dedicated to degrade the RNA moiety of DNA:RNA hybrids in eukaryotes (Cerritelli and Crouch
2009). They operate partly redundantly (Lockhart et al. 2019) and in the double mutant rrhIA rnh201A,
cells become hypersensitive to genotoxic agents such as hydroxyurea (HU) and camptothecin (CPT)
(Zhao et al. 2018), underscoring the importance of R-loop removal to genome stability. In this chapter,
I describe my genetic analyses showing a negative interaction between dcrl and RNase H, followed by
a suppressor screen highlighting the important role of Dcrl in mediating early transcriptional process.
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This is followed by a genome-wide study of nascent transcription, supporting the role of Dcrl in acting
around promoter-proximal pause sites. Finally, we investigate the connection of this function of Dcrl

in relationship with canonical RNAi components — sSRNA and Agol.

3.3 Derl negatively interacts with RNase H

Datasets for DRIP-seq and DRIPc-seq (DNA:RNA Immunoprecipitation followed by cDNA
conversion and sequencing) have previously been generated by our laboratory from both WT and dcriA
cells in S. pombe, and extensive R-loop accumulation was documented at both rDNA and centromeric
repeats (Castel et al., 2014; and Jie Ren, unpublished). Subsequently, DNA:RA hybrids have been
found to accumulate at individual highly expressed genes in Hela cells when Dicer was knocked down
(Camino et al. 2023). In order to determine the effects of Dicer on genes in S. pombe, I re-analyzed our
DRIPc-seq data and observed a strand-specific global increase in R-loop accumulation in euchromatic
genes (Fig. 3.1a). Thousands of genes were affected, especially highly expressed genes, indicating that
Dicer was required for removal of R-loops associated with expressed genes genome-wide. In our
laboratory too, we also found that S. pombe Dcrl binds to R-loops and DNA:RNA hybrid, with a
relatively high affinity as determined using microscale thermophoresis (Fig. 3.1b,c; Sonali

Bhattacharjee, unpublished).

In order to investigate the role of Dicer in processing R-loops, I decided to create higher order
mutants with RNase H1 and RNase H2 which accumulate pathological R-loops genome wide. RNase
H1 is monomeric and is encoded by the rnil gene, and RNase H2 is heterotrimeric, encoded by rnh201,
rnh202, and rnh203, of which rnh201 encodes the catalytic subunit (Hyjek et al. 2019). I therefore
introduced rnhlA and rnh201A knockouts into dcrlA cells and measured growth rate. Whereas rnhlA
and rnh201A single mutants displayed no growth defects, dcr/A and rnhlA rnh201A cells doubled
~50% slower than WT (Fig. 3.1d). The growth rate of rnhIA rnh201A double mutants confirmed that
RNase H1 and H2 play a largely redundant role (Lockhart et al. 2019). While we observed no negative
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interactions between dcrlA and with either rnhIA or rnh201A single mutants, strikingly, the triple
mutant dcrlA rnhiA rnh201A divided ~2.5x times slower than WT. This suggested Dcrl became
critical to for growth when R-loops accumulated. Compared to dcr/A cells, the triple mutant cells were
elongated, branching, and with multiple septa and nuclei (Fig. 3.1e-f), suggesting that the triple mutant
had a severe replication defect. To test this, we checked for growth defect of the mutants in the presence
of the replication stress-inducing drugs HU and camptothecin (CPT). While both HU and CPT
introduce replication stress, they do so via distinct mechanisms. HU inhibits the enzyme ribonucleotide
reductase (RNR), which converts ribonucleotides (NTPs) to dNTPs, the substrates for DNA synthesis.
As a result, the cellular ANTP pool is depleted, slowing down replication forks, and activating the
replication checkpoint (Singh and Xu 2016). CPT, on the other hand, triggers replication stress by
generating obstacles to replication. In cells, topoisomerase I relieves DNA supercoiling tension, and an
intermediary step involves a transient covalent linkage between the enzyme and DNA. CPT stabilizes
this covalent linkage, creating a protein adduct as well as a single-stranded break; Collision between
the replication fork and such obstacles leads to double-stranded breaks, or permanent arrest of the fork

(Liu et al. 2000).

In order to determine sensitivity to genotoxic agents in a quantitative manner, [ decided to
perform spot assays of various mutant combinations of derIA, rnhlA, and rnh201A. Cells were grown
in the presence of increasing doses of HU and CPT and serial 10-fold dilutions plated on media
supplemented with each agent (Fig. 3.1g-h). The rnhlA rnh201A double mutant was highly HU- and
CPT-sensitive as previously reported (Zhao et al. 2018). Strikingly, dcriA hypersensitized RNase H-
deficient cells to genotoxic agents (Fig. 3.1g-h), indicating that Dcrl becomes important in limiting
replication stress when R-loops accumulate. We noticed a stronger negative interaction between dcrl A
and rnh201A than with rnhlA, especially in the presence of HU (Fig. 3.1g). This might be due to the
additional roles of RNase H2 and that it accounts for the majority of RNase H activity in cells. While
both RNase H1 and H2 can process R-loops, RNase H2 is capable of performing ribonucleotide
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excision repair (RER), a process by which ribonucleoside monophosphates (rNMPs) incorporated
during DNA replication is excised for repair (Williams, Lujan, and Kunkel 2016). Additionally, RNase
H2 has recently been shown to promote recombination-dependent replication restart (Audoynaud et al.
2023). In face of replication obstacles, replication forks slow down or are completely arrested, requiring
rescue from neighboring fork in the opposite direction or by restart via HR-dependent processes.
Replication restart requires ssDNA that is generated by exonuclease to degrade the nascent strand. It
has been demonstrated that the RNA primer at the 5’ end of the Okazaki fragment inhibits nascent
strand degradation, and RNase H2 promotes replication restart by removing the DNA:RNA hybrid
(Audoynaud et al. 2023). These two additional functions of RNase H2 might account for the stronger

interaction between dcrlA and rnh201A.

An explanation to this negative interaction phenotype is that Dcrl directly participates in R-
loop processing; in that case, overexpressing RNase H would make dcr/ A more resistant to replication
stress. However, this was not observed when a nmt41 promoter was used to overexpress rnhl in deriA
(Fig. 3.2a-b), suggesting that Dcrl did not limit TRC by directly participating in R-loop metabolism.
Given the genetic interaction between Dcrl and RNase H, we also tested whether Dcrl would interact
with the R-loop-processing helicases, Senl and DblS8, both of which are homologues of the human
Senataxin (SETX) (Skourti-Stathaki et al. 2011). We observed no obvious growth defects under the
conditions tested for both senlA and dblSA, nor any negative interaction between dcrl and dbl8 (Fig.
3.2c-d). Unexpectedly, dcriA senlA double mutants were more resistant to CPT than dcrlA cells (Fig.
3.2¢). This was contrary to our prediction considering the known transcription and replication roles of
SETX. However, a proteomic study in S. pombe identified Senl and Dbl8 as predominantly interacting
with Pol III and Pol I, respectively (Rivosecchi et al. 2019); therefore, our observations could be

explained if Pol II loci are the main Dcrl-regulated targets.
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Figure 3.1. Dicer protects against replication stress in the presence of R-loops.

(a) Heatmaps of DRIPc-seq signals in WT and dcr/A at annotated mRNA transcripts = 500 bp. Values
are RPM normalized.

(b) Electrophoretic mobility shift assay (EMSA) showing Dcrl binds R-loops and DNA:RNA hybrids
in vitro.

(c) Microscale thermophoresis (MST) assay of Dcrl and R-loops.

(d) Doubling time analyses of WT and combinations of rnklIA, rnh201A, and dcrIA. N = 2. Error bars
represent standard deviation.

(e,f) Representative images of dcriA and derI A rnh1A rnh201A cells with DAPI staining respectively.
(g,h) Spot assay of WT and combinations of rnkIA, rnh201A, and dcri A with 10-fold dilution on YES
plates without supplement or with varying doses of the genotoxic agents hydroxyurea (HU) and

camptothecin (CPT).

DRIPc-seq of WT and dcrIA was performed by Jie Ren.

In vitro Der1 binding assays were performed by Sonali Bhattacharjee.
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Figure 3.2. Analyses of dcr! with other R-loop modulators.

(a) Spot assay of WT and dcriA, in combinations with rnhlA, rnh201A, rnhlA rnh201A, or an RNase
H1-overexpressing strain pnmtl.::rnhl. Cells were spotted with 10-fold dilution on YES plates without
supplement or with varying doses of TBZ, HU, and CPT.

(b) RT-qPCR quantification of the expression of ruhl in WT, rnh20IA, and the RNase HI-
overexpressing strain. Expression levels were normalized to actl, WT =1. N = 2. Error bars represent

SEM.

(c,d) Spot assay of WT, dcriA with senlA (c) or dbISA (d) with 10-fold dilution on YES plates without

supplement or with varying doses of TBZ, HU and CPT.
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3.4 Genetic analysis of the dcrIA genome instability phenotype

The negative genetic interaction between dcr! and rnhl rnh201 prompted us to perform further
genetic studies. Past studies identified multiple suppressors of canonical RNAi phenotypes in dcriA.
For example, TFIIS, encoded by #51, is a non-essential general transcription factor (GTF) that promotes
Pol II processivity and regulates Pol II backtracking (Kulish and Struhl 2001); its deletion confers TBZ
resistance in agolA and dcrlA cells, presumably by reducing productive transcription at the
pericentromeric repeats (Reyes-Turcu et al. 2010). In a similar vein, deletion of msz2, which encodes a
H3K14 acetyltransferase, rescues the pericentromeric heterochromatin defects in RNAi mutants by
reducing the level of the active mark H3K 14ac and therefore ectopic transcription in the centromere
(Reddy et al. 2011). Our laboratory previously discovered that dcr/A had severe defects in the entry as
well as maintenance of the cellular quiescent (Go) stage during nitrogen starvation (Roche et al. 2016),
and a suppressor screen that restored viability identified multiple alleles of transcription regulators.
These included thp1-D1567Y, encoding the highly conserved TATA-binding protein (TBP) involved in
promoter melting and transcription initiation of Pol I, II, III (Cormack and Struhl 1992); med31-ins, an
allele of the Med31 subunit of the mediator complex replacing the conserved phenylalanine F23 with
5 amino acids (Linder and Gustafsson 2004); as well as fcpl-F580*, premature termination of the
protein phosphatase that removes the phosphorylation at the serine 2 (pS2) of the Pol II C-terminal

domain (CTD) repeats (Hausmann, Erdjument-Bromage, and Shuman 2004).

Notably, the suppressor thpl-D156Y, despite being isolated in a Gy viability screen (Roche et
al. 2016), was also able to suppress the TBZ sensitivity of dcr/A indicating a heterochromatic function
in dividing cells (see above). We therefore crossed these five mutants into the triple mutant dcriA
rnhlA rnh201A and assessed whether they could rescue the replication stress phenotype. As shown in
Fig. 3.3a, all the suppressor mutants were able to confer TBZ resistance to the triple mutant, agreeing
with previous findings. They were also all able to suppress the HU sensitivity of the triple mutant,
although the effect was relatively weak in thpl-D156Y and tfsiA. The suppressibility of CPT was
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weaker, and we only observed robust suppression in mst2A and fcpl-F580* We further investigated
TFIIS — because of its interesting property in regulating transcription elongation and termination — by
isolating combination of mutants of #$/A, dcriA, and rnhiA rnh201A from crosses. To our surprise,
in two separate biological replicates we failed to observe any suppression of by #s/A (Fig. 3.3b-c); in
fact, there was moderate negative interaction between #fs/A and dcriA in the presence of CPT. This
might be due to the variegated effect of /5 /A, as previously noted (Reyes-Turcu et al. 2010). Altogether,
the variable suppressibility of these alleles suggests that, while multiple phenotypes of Dcrl can be
regulated by mutating GTFs, the genome instability phenotype in dcriA is not due simply to the level
of transcription, nor necessarily at the pericentromeric region, although remarkably, all the alleles tested

here regulates early transcription, hinting at the possibility that this might the step where Dcrl acts on.
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Figure 3.3. dcrl suppressors restore replication stress resistance in the presence of R-loops.

(a) Spot assay of the triple mutant dcriA rnhiA rnh201A with various alleles of general transcription
factors (GTFs) previously found to suppress silencing and quiescence defects in derlA: ¢fsIA, mst2A,
fep1-Y580%, thpl-D156Y, and med31-ins. See main text for details. Cells were plated with 10-fold
dilution on YES plates without supplement or with TBZ or HU to test for drug sensitivity.

(b,c) Two independent replicates of spot assays of WT and combinations of rnhiIA, rnh201A, dcriA,
and #fs/A with 10-fold dilution on YES plates without supplement or with varying doses of TBZ, HU,

and CPT.
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To follow up on these results, I decided to isolate new suppressors with an ethyl
methanesulfonate (EMS) mutagenesis screen. Here, I treated the triple mutant with EMS and plated
cells with either CPT or HU. Drug-resistant colonies were streaked back onto YES plates before
verifying the drug resistance with spot assay. The new strains were sequenced and SNPs were identified
by comparing with the genome of the original triple mutant. We first isolated ten suppressors that
conferred resistance to CPT. On average, each suppressor carried 4 — 6 SNPs, and we decided to verify
candidate SNPs by direct transformation. As described in section 2.5, except for the top! allele (top1-
W647%*), independent alleles of known regulators paf7 and clr2 failed to confer CPT resistance in fresh
strains indicating the screen was problematic. Because of this we decided to repeat the EMS screen for
HU resistance. A total of 14 HU suppressors were isolated and sequenced, of which I identified the
causative SNPs for 8 of them (Table 2). The HU screen performed more efficiently than the CPT screen,
but many of the suppressors on HU were also resistant to CPT. On top two “bypass” suppressors —
epll1-T449A4 and pofl1-S449C (described in section 2.5), several alleles were identified in general

transcription factors (GTFs) which had more specific predicted functions in mediating TRCs.

One such allele was #fa2-L238* (LS22), a premature truncation in the gene encoding TFIIEP,
the small subunit of the heterodimeric GTF TFIIE (Fig. 3.4a). This allele conferred HU resistance
specifically to the triple mutant, but not to rnslA rnh201A or dcriA alone. Interestingly, tfa2-L238*
was sensitive to TBZ, and it negatively interacted with rnhlA rnh201A in the presence of TBZ or CPT.
Consistently, we observed an up-regulation of the centromeric transcripts dg and dh in tfa2-L238*, but
not epl1-T449A, consistent with a loss of heterochromatic silencing (Fig. 3.4b). TFIIE functions closely
with TFIIH to promote the last steps of transcription initiation, by stimulating DNA melting to form
the transcriptionally competent preinitiation complex (PIC) (Compe et al. 2019; Goodrich and Tjian
1994; Nogales, Louder, and He 2017). Although IUPred3 (Erdds, Pajkos, and Dosztanyi 2021)
predicted the mutation truncated a largely disordered region (Fig. 3.4c). structural studies in S.
cerevisiae revealed the region contains the “E-tether” of Tfa2, which contacts SsI2 (Ptr8 in S. cerevisiae;
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XPB in human) (Schilbach et al. 2021), a subunit of the TFIIH complex that promotes promoter opening
via its ATPase/DNA translocase activity (Compe and Egly 2016). Biochemical assay suggested this
contact stimulated Ssl2 in vitro (Lin and Gralla 2005; Watanabe et al. 2003). In light of this, I predicted
the allele #fa2-L238* conferred HU resistance in the triple mutant by reducing the efficiency of Pol II

promoter escape.

Two alleles were validated that directly affected the large subunits of the Pol II holoenzyme:
rpb2-R1118H in LS16, and rpb1-T481K in LS21 (Fig. 3.4d-e). These mutations are located within the
catalytic center, in physical proximity to each other (Fig. 3.4f). In each case, suppression was specific
to HU, but not in CPT or TBZ, and primarily affected acting the triple mutant, although at higher doses
of HU we observed mild suppression of the rnhlA rnh201A double mutant as well (not shown). In all
multi-subunit RNAPs, phosphodiester bond synthesis activity is catalyzed by coordinating two Mg**
ions with three conserved aspartate residues, arranged in the invariant motif DFDGD (Sosunov et al.
2003,2005) (Fig. 3.4f-g). rpb1-T481K disrupts the threonine residue N-terminal to this motif (Fig. 3.4f-
g) and is aligned with the phenylalanine residue. This threonine residue is highly conserved in Pol II,
but is frequently replaced with cysteine in other polymerases (e.g. Pol III) (Cramer, Bushnell, and
Kornberg 2001; Haag, Pontes, and Pikaard 2009). Its exact function is not known, but in S. cerevisiae,
disruption of the asparagine residue C-terminal to the DFDGD motif (rpbI-N488D, or N494 in S.
pombe) leads to a decrease in transcription elongation rate and is thought to impair initiation as well
(Malagon et al. 2006). Since the rpb1-T481K mutation replaces threonine with lysine with a long side
chain, we speculate it might misalign the phenylalanine residue, thereby displacing the catalytic triad,

impairing Pol II processivity.

The rpb2-R1118H allele also disrupts a highly conserved residue in the “switch 3” region of
Pol II (Cramer et al. 2001; Gnatt et al. 2001) (Fig. 3.4h). As Pol II transitions from holoenzyme into a
transcribing, elongating state, the clamp swings by about 30° and five “switch” regions are re-folded
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into directly contacting the template DNA and the RNA within the transcription bubble (Cramer et al.
2001; Gnatt et al. 2001); R1118, in particular, contacts the -2 nucleotide of the template DNA (Gnatt
et al. 2001) (Fig. 3.4f). These nucleic acid contacts ensure proper three-dimensional ordering within
the active center, and promote the stability of the transcribing complex. Indeed, studies of Pol III found
that mutating the arginine R1061 in S. cerevisiae, equivalent to rpb2-R1118 in S. pombe, led to defects
in processive elongation, concomitant with frequent pausing and elevated termination frequency
(Bobkova et al. 1999; Shaaban et al. 1996; Shaaban, Krupp, and Hall 1995). Altogether, the two alleles
affecting the Pol II enzyme suggested Pol I itself triggered replication stress in the triple mutant, and
that affecting its dynamics — initiation, elongation, and/or processivity — reduced its potential to trigger

the stress.
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Table 2. EMS suppressor screen for HU-resistance. Causative SNPs were verified with either co-
segregation analysis through backcrosses, or by reintroduction into the triple mutant. When the
causative SNPs were not verified, the most likely SNP(s) among the candidates were highlighted. N.D.:
Not determined.

Suppressor | Sterile? | Causative SNP Candidate SNPs

LS15 No Epl1-T449A SPNCRNA.857 (chrl:2872396 A->G); Map4-
S326syn; Prl10 (chr3:1839843 C->QG); an intergenic
SNP (chr2:3020359 C->Q)

LS16 Yes Rpb2-R1118H Esc1-S338C; Gasl-S516syn; Sea3-H321R; Syt22-
R526G; S1d5-G192A; Fes1-D232V; Dbp8-R345Q);
Snp22-Q269P

LS17 N.D. - Many (37 SNPs)

LS18 Yes - Utp5-E601D; Ubr1-P1524S

LS19 N.D. - 3 SNPs on Edcl leading to truncation; Synonymous
SNPs on Mde5, SPNCRNA.253, Wtfl, and Rga3

LS20 No Med20-Y44S Cull-R330syn; a tRNA gene (chr2:820558 C->T)

LS21 Yes Rpb1-T481K Tlg2 (5’UTR); Agl1-G491A; Enol01 (5’UTR); Ptr3-
P289A; Osh6 (intron); an intergenic SNP
(chr1:4269071 T->C)

LS22 N.D. Tfa2-1.238* Nupl132 (5’UTR); SPAC17A2.11 (5’UTR); MasS5-
E362V; Tanl-163P; Tifl1 (3’UTR); Hrfl (3’UTR);
Vacl4-N252K; Rrgl1-S119P; SPCC18.17¢c-L18*

LS23 No Med20-W37A Pcs2 (3°’UTR); RppO (synonymous); one intergenic
SNP (chr2:4471290 C->Q)

LS24 No - Cts1-V58L; Spp42 (synonymous); Safl (3’UTR)

LS25 No - Rok1-A388T; Ntel-K806Q; Rpt3-D234A; one
intergenic SNP (chr1:3022972 C->T)

LS26 No Med20 truncation | Erd101-D176A; Kap113 (intron); one intergenic SNP
(chr1:4415439 G->T)

LS27 No Pof1-S449C -

LS28 Yes - Gas5-V219syn; SPBC359.01-V342G; Med15-L63%;
SPBC83.05 (3°UTR); Map2 (5’UTR)
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Figure 3.4. Mutations in the Pol II catalytic center and in TFIIE suppress dcrIA.

(a,b) Spot assay verification of (a) rpb1-T481K and (b) rpb2-R1118H from the suppressors LS21 and
LS16, respectively. Cells were plated with 10-fold dilution on YES plates without supplement or with
TBZ, HU, or CPT.

(c) Catalytic center of Pol II highlighting the two residues in red, Rpb1-T481 and Rpb2-R1118, whose
mutation suppresses dcriA. Note that Rpbl1-T481 aligns with the catalytic triad (NADFDGD)
coordinating a Mg ion (green), and that Rpb2-R1118 is in proximity to the template strand (TS) DNA
(blue). RNA is in yellow and the direction of RNA synthesis labeled with numbers on TS. Image
generated from PDB:5vvs.

(d) Sequence alignment of a select region of Rpb1 from Saccharomyces cerevisiae (Sc), S. pombe (Sp),
Homo sapiens (Hs), Mus musculus (Mm), and Arabidopsis thaliana (At). Alignment was done using
Clustal Omega with default setting. Rpb1-T481 is highlighted in red, and the catalytic triad coordinating
the Mg”" ion is highlighted in blue.

(e) Sequence alignment of a select region of rpb I from Saccharomyces cerevisiae (Sc), S. pombe (Sp),
Homo sapiens (Hs), Mus musculus (Mm), and Arabidopsis thaliana (At). Alignment was done using
Clustal Omega with default setting. Rpb2-R1118H is highlighted in red, and the switch 3 region is
highlighted in blue.

(f) Spot assay verification of #fa2-L238* from the suppressor LS22 performed as in (a).

(g) RT-qPCR quantification of the expression of dg/dh centromeric transcripts in epl/l-T4494 and tfa2-
L238*. Relative expression was normalized to Act/. N = 2 independent biological replicates. Error bars
represent SEM.

(h) IUPred3 prediction of Tfa2 (UniProt: P79011) showing the disorder tendency. Vertical blue dotted
line represents the approximate location of residue L238, that which was turned into a premature stop

codon in LS22.
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Finally, 3 out of 14 suppressors (LS20, 23, 26) carried mutations in the med20 gene, which
encodes a subunit of the Mediator complex (Lariviére et al. 2012), and one suppressor, LS28, carried a
truncation of Med15 (med15-L63*), although this allele has not been verified. The three med20 alleles
were assigned med20-1 to med20-3, and they disrupted conserved residues Y44S (med20-1) and W37A
(med20-2), or, in the case of med20-3, caused a frameshift at F108, leading to premature termination at
position 128 and truncation of roughly half of the protein (Fig. 3.5a). We confirmed the suppressors by

backcrossing and genotyping the med2(0 mutants (Fig. 3.5b-d).

Mediator is a large, multi-subunit complex that is critical for Pol II transcription (Richter et al.
2022; Soutourina 2018). It is generally required for PIC assembly, and aids gene-specific transcription
factors (TFs) in recruiting Pol II and other GTFs. Beyond initiation, it also plays a role in promoting
productive elongation (Richter et al. 2022). Structurally, Mediator can be subdivided into four modules:
Head, Middle, Tail, and the CDK8 kinase modules (Harper and Taatjes 2018), and the complex as a
whole forms extensive, dynamic contacts with Pol Il and GTFs (Chen et al. 2021; Nozawa, Schneider,
and Cramer 2017; Plaschka et al. 2015). Med20 is part of the Med8/18/20 ‘movable jaw’ subcomplex
within the head module of the Mediator, with Med8 being the structural bridge connecting the tight
Med18-Med20 heterodimer to the rest of the head module (Larivicre et al. 2012). The movable jaw
establishes transient interactions with Pol II and GTF directly — Med8 contacts Rpb4 of the Rpb4-Rpb7
Pol II stalk, and Med18-Med20 contacts Rpb3-Rpb11, as well as the ‘E-ribbon’ of TFIIE (within the
TFIEa subunit, Tfal in S. pombe) and the ‘B-ribbon’ of TFIIB (Plaschka et al. 2016; Rengachari et al.

2021).

Studies in S. pombe have previously demonstrated that deleting subunits from the movable jaw
module led to impaired pericentromeric silencing (Carlsten et al. 2012; Oya et al. 2013; Thorsen et al.
2012). In particular, med18A or med20A led to derepressed dg/dh repeat transcription, a decrease in the
siRNA level, as well as a reduction in the H3K9me and Swi6 level as determined by chromatin
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immunoprecipitation (ChIP). We therefore tested whether the replication stress phenotype would also
be suppressed in med20A, and also whether the med20 alleles isolated would lead to silencing defect.
With spot assays, we found that both med20-1 and med20A conferred HU resistance to dcriA alone,
the rnhiA rnh201A double mutant, as well as the triple mutant, and a mild suppression to CPT (Fig.
3.5e-f). Neither med20-1 nor med20A single mutant was sensitive to TBZ, but interestingly, we
observed only med20-1, but not med20A, was able to suppress the TBZ sensitivity of dcrlA single
mutant. We next checked whether the mutants lost pericentromeric silencing by determining the
expression level of dg/dh transcripts using RT-qPCR (Fig. 3.5g). Agreeing with previous studies, we
found med20A had an elevated level of dg/dh expression; interestingly, we did not observe silencing
defects in med20-1, and only med20-1, but not med2(0A was able to reduce the silencing defect of deriA.
Thus, the roles of Med20 in pericentromeric silencing and in dcrlA-induced genome instability were
functionally separable, implying the T-R stress-triggering loci lay beyond the centromere. Supporting
this idea, we also found that med20-1 was able to suppress the cellular quiescence phenotype of dcrlA
(Fig. 3.5h), an additional role of Dcrl that was independent to canonical centromeric function (Roche

et al. 2016).

In summary, forward and reverse genetics suggested mis-regulation of Pol II transcription in
derlA — and particularly when R-loops accumulated in the rnhlA rnh201A background — was the
trigger to the replication stress phenotype. Notably, suppressor alleles isolated from the sensitized
screen for R-loop dependent Dicer phenotypes pointed to the early steps of transcription — especially
the transition from initiation to elongation — being the most critical. We therefore decided to investigate

how transcription was mis-regulated using genome-wide approaches.
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Figure 3.5. Suppression of dcrIA by med2() mutations.

(a) Sequence alignment of med20 from Saccharomyces cerevisiae (Sc), S. pombe (Sp), Homo sapiens
(Hs), Mus musculus (Mm), and Arabidopsis thaliana (At). Alignment was done using Clustal Omega
with default setting. SNPs for the three alleles, labeled med20-1 to med20-3, are highlighted in red.
Med?20-3 leads to a frameshift at F108, leading to truncation at residue 128.

(b-d) Backcross verification of (b) med20-1, (c) med20-2, and (d) med20-3 alleles respectively. Cells
were plated with 10-fold dilution on YES plates without supplement or with HU to test for drug
sensitivity. SNPs in backcrosses (BC) were tested using dCAPs (see methods).

(e-f) Spot assay to test the suppression activity of (e) med20A and (f) med20-1. Cells were plated with
10-fold dilution on YES plates without supplement or with TBZ or HU to test for drug sensitivity.

(g) RT-qPCR quantification of the expression of dg/dh centromeric transcripts in various mutants. Fold
change was calculated relative to Act/ and WT. N = 2 - 3 independent biological replicates. Error bars
represent SEM. Note only med20A but not med20-1 has silencing defect, and that med20-1 could mildly
suppress silencing defect in dcriA.

(h) Viability assay of Gy entry and quiescence maintenance in prototroph med20-1 and med20-1 dcrIA.
dcrlA has severe Gy entry and maintenance defect (Roche et al. 2016), and med20-1 was able to almost

fully suppress this phenotype of derlA.
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3.5 Derl mediates global promoter-proximal pausing in the presence of R-loops

To understand how transcription was affected by dcr/A in the presence of R-loops, we
performed total RNA-seq to quantify gene expression in various mutants. In the dcr/A single mutant,
the rnhlIA rnh201A double mutant, and the triple mutant, genes were mostly up- rather than down-
regulated (Fig. 3.6a). As previously described (Atkinson et al. 2018; Marasovic, Zocco, and Halic 2013),
dcrl deletion did not drastically change the transcriptome — only 184/6820 (2.7%) of annotated
transcripts were significantly upregulated (Fig. 3.6a, orange dots). Annotated centromeric transcripts
were reproducibly upregulated in both dcr 1A and the triple mutant (Fig. 3.6a, blue dots). Gene ontology
analysis using AnGeLi (Bitton et al. 2015) revealed no specific gene sets being enriched, except for
those related to oxidoreductive and core environmental stress. This set of genes was also upregulated
inrnh1A rnh201A as well as in the triple mutant, and was slightly more deregulated in the triple mutant
(Fig. 3.6b,c), suggesting a shared regulatory mechanism that involved both Dcrl and RNase H. Using
DESeq2 (Love et al. 2014) for statistical analyses, we investigated genes that were specifically
upregulated in the triple mutant. Even with a relaxed selection criterion (log, fold-change >1, adjusted
p-value < 10®), only 15 genes were significantly upregulated (Fig. 3.6d, top panel). Of note, 6 genes
(tef101, tef102, tef103, SPAC29A44.02c, tef3, cpc2) were linked to translation elongation. Although why
elongation was specifically disrupted was unclear, the results suggested that the triple mutant was under

translational stress, potentially stemming from disrupted transcription fidelity.

RNA-seq was also performed in various mutants in combination of med20-1 or med20A, both
being suppressors of the genome stability phenotype of dcriA (Fig. 3.5e-f). While we did not find
drastic changes to the transcriptome (not shown) — which was surprising considering Med20, being a
subunit of Mediator complex, presumably would act globally — we found that both med2(0 mutants were
able to suppress the upregulation of the genes upregulated in dcr/A (Fig. 3.6b). The alleles were also
able to suppress the genes specifically upregulated in the triple mutant (Fig. 3.6d, middle and bottom
panel), although the effect was stronger in med20-1 than in med20A.
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Overall, the RNA-seq data showed that the disruption of Dcrl or RNase H did not lead to
substantial changes to the transcriptome. Since Dcrl is involved in SRNA biogenesis, we performed
sRNA-seq to see how RNase H mutant would affect the SRNA population. Centromeric SRNA was
absent dcr/A and in the triple mutant, and was not affected in the rnhlA rnh201A double mutant, as
expected (not shown), agreeing with the RNA-seq results showing de-repression of centromeric
transcripts in derlA (Fig. 3.6). As the genetic studies described above suggested transcriptional mis-
regulation as underlying the genome stability phenotype, we generated genome-wide profile of all
sRNA mapped to all annotated Pol II transcripts (Fig. 3.7a). In mammals, non-productive, R-loop-
associated Pol II is terminated at promoter proximal paused site by the Integrator complex (Welsh and
Gardini 2023; Xu et al. 2023), releasing short RNA in the process (Stein et al. 2022). We detected a
strong peak of sSRNA at TSS in WT, reflecting early transcript termination. This promoter-derived
SRNA population ranged predominantly between 25 — 40 nt (Fig. 3.7b), broadly agreeing with early
termination products (Beckedorff et al. 2020). We did not see any changes to this promoter-derived
SRNA in dcriA and only a mild decrease in the rnkhIA rnh201A double mutant, but this population of
sRNA was completely absent in the triple mutant (Fig. 3.7a), suggesting its biogenesis depended
redundantly on both Dcrl and RNase H. We also noted in the triple mutant the absence of an sSRNA
peak at the TTS. sRNA derived from the TTS could represent products from cleavage-based
termination; as we noted no substantial changes to Pol II density at TTS in any mutants (see below, Fig.
3.8e), the lack of TTS sRNA peak in the triple mutant could be due to a switch into cleavage-
independent termination. As Agol is an effector protein that binds sSRNA, we also analyzed Agol-
associated SRNA in WT and dcrIA from data generated in Halic and Moazed, 2010. Curiously, we
found that in dcrlA a prominent peak at TTS emerged (Fig. 3.7c). As sSRNA at TTS was present even
in the absence of Dcrl (Fig. 3.7a), we concluded that Dcrl-independent transcription termination

generated sSRNA that would be loaded into Agol.
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Figure 3.6. RNA-seq analyses of dcr/A mutants in the presence of R-loops.

(a) Correlation of normalized RNA-seq read counts for each gene (N = 6,387) between WT and dcriA
(left), rnhIA rnh201A (middle), and dcriA rnhiA rnh201A (right). Blue dots indicate centromeric
transcripts, defined as annotated genes within the centromere on PomBase. Yellow dots highlight
transcription elongation factors (GO:0008023) and termination factors (GO:0006369). Orange dots are
significantly differentially expressed genes, defined as Log, fold-change > 2, and with adjusted p-
values < 0.05.

(b) Violin plot of log, normalized expression of dcrlA upregulated genes in various mutants. dcriA
upregulated genes were defined as in (a).

(c) Venn diagram of genes upregulated in dcr/A and in rnhlA rnh201A showing a largely overlapping
list of genes misregulated in both mutants.

(d) Heatmap showing the relative RNA count, normalized to WT, of 15 genes upregulated specifically

in the triple mutant dcrlA rnhlA rnh201A, in various mutants.
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Figure 3.7. Dcrl and RNase H generate promoter-proximal sRNA.

(a) Profile plot of mean normalized sSRNA-seq signal in WT, dcrlA, rnhiA rnh201A, and the triple
mutant within gene body + 500 bp of all annotated genes.

(b) Size distribution of promoter-proximal SRNA in WT, deri A, rnhIA rnh201A, and the triple mutant.
(c) Heatmaps of Agol-associated SRNA signals in WT and dcr/A at annotated mRNA transcripts +

500 bp. Values are RPM normalized. Data from Halic and Moazed, 2010.
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As the genetic studies described above suggested transcriptional mis-regulation as underlying
the genome stability phenotype, and that promoter-proximal SRNA was affected in the triple mutant,
we decided to directly study nascent transcription using precision run-on sequencing (PRO-seq) (Mahat
et al. 2016). In PRO-seq, a nuclear transcriptional run-on reaction was performed with bulky biotin-
NTPs, which led to transcriptional arrest; sequencing biotin-enriched RNA and mapping the first
nucleotide would yield a global snapshot of active RNAPs at a near single-nucleotide resolution. In Fig.
3.8a, I generated genome-wide profile of all annotated genes in S. pombe in WT, with TSSs updated
using the previously published PRO-cap data (Booth et al. 2016). Immediately downstream of the TSS
was a prominent peak, corresponding to the promoter-proximal pause site of Pol II, agreeing with
previous findings that genes in S. pombe, like those in many other higher eukaryotes, are frequently
paused (Booth et al. 2016; Chivu et al. 2023). Downstream of annotated TTSs — also known as cleavage
and polyadenylation sites (CPSs) — was another broad peak that corresponded to Pol II slowing down

for eviction.

Other kinds of transcription behavior can be inferred from PRO-seq data. When the same
genome profile was generated for PRO-seq data on rpbI-T481K, which we speculated would affect
processivity (Fig. 3.4, see above), we observed a progressive decrease in read count along the gene
body, as well as an absence of a typical peak downstream of TTS (Fig. 3.8b). This is reminiscent to the
“slow” Pol II mutant phenotype (Fong et al. 2015); we speculate these mutants destabilize Pol II,
making the holoenzyme less of an obstacle to replication and hence reducing replication stress. The
amount of pausing can be quantified by calculating the pausing index (PI), defined as the ratio of the
number of reads in the promoter to that of the rest of the gene body (Booth et al. 2016), and as shown
in Fig. 3.8c, rpb1-T481K had a PI level similar to WT. Similarly, the amount of pausing or slowing
down beyond the TTS can be quantified with the termination index (CI) (See methods), which was

dramatically reduced in the rpb1-T481K mutant (Fig. 3.8d).
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When the same genome-wide profile was generated for derIA, rnhiA rnh201A, and the triple
mutant and compared with WT, we indeed observed more drastic changes to pausing than to
termination (Fig. 3.8e-g). In the absence of RNase H, we observed an increase in the amount of pausing,
suggesting efficient R-loop processing was required for pause release. This was in agreement with
studies in mammalian cells, which showed a positive correlation between R-loop levels and the degree
of pausing (Chen et al. 2017). dcr1A had a WT level of pausing, but the triple mutant, despite having a
WT level of paused peak, had a higher amount of reads along the gene body, indicating that Dcrl
prevented unscheduled pause escape, especially when the paused state was triggered by the absence of
RNase H. As shown for all annotated genes (Fig. 3.8fh), deletion of rnAl and rnh201 led to a significant

increase of pausing, and further deleting dcr! brought the PI below that of WT.

We did not observe any drastic changes to termination (Fig. 3.8g,1), although a slight drop of
CI was observed in the triple mutant. A decrease of CI could be due to an elevated read count along the
gene body, or a reduction in Pol II density beyond CPS; judging from the profile plot (Fig. 3.8¢), we
concluded an elevated read count along the gene body better explained the phenotype of the triple
mutant. Indeed, after normalizing the PI and CI of each transcript to WT, we observed a more noticeable
shift in densities only in PI, but not CI (Fig. 3.8f-g). The pausing defect was more drastic in the top
10% paused genes (Fig. 3.8j), and was correlated with expression level (Fig. 3.8k), supporting a specific
role of Dcrl in pause regulation. From RNA-seq data, we observed no expression level changes to
genes involved in transcription elongation and termination (Fig. 3.6a, yellow dots), arguing against the

possibility that the pause defect observed here could be due to mis-regulation of such factors.
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Figure 3.8. Dicer is required for promoter-proximal pausing in the presence of R-loops.

(a) Heatmap and mean normalized PRO-seq signal of all annotated transcripts in WT. TSSs are adjusted
based on published PRO-cap data (Booth ef al., 2016).

(b) Profile plot of mean normalized PRO-seq signal of all annotated transcripts in WT, dcrIA (blue),
rpbl-1 (rpb1-T481K) (dark green), and rpbi-1 dcriA (light green).

(c,d) Density plot of (¢) PIs and (d) CIs of all annotated genes for dcrIA, rpbl-1, and rpbi-1 dcriA
after normalization to WT. Dotted lines represent median for each genotype.

(e) Profile plot of mean normalized PRO-seq read of all annotated genes in WT, dcriIA (blue), rnhiA
rnh201A (grey) and dcriA rnhIA rnh201A (red). The increase in read counts along the gene body
reflects unscheduled Polll release in derlA rnhiA rnh201A.

(f,g) Density plot of (f) PIs and (g) CIs of all annotated genes after normalization to WT. Dotted lines
represent median for each genotype.

(h) Violin plot of pausing indices (PIs) computed for all annotated genes from PRO-seq data. P-values
represent results of one-way ANOVA. See methods for details.

(1) Violin plot of termination indices (Cls) computed from PRO-seq data. P-values represent results of
one-way ANOVA. Isolated genes were used to limit confoundment from read counts from neighboring
genes. See methods for details.

(j,k) Violin plots of PIs computed for all (j) top 10% paused genes and (k) top 10% expressed genes
from PRO-seq data. P-values represent results of one-way ANOVA. Top 10% paused genes were
determined from WT PRO-seq data, and top 10% expressed genes were determined from WT RNA-

seq data, both generated in this study.
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The role of Derl in limiting unscheduled Pol II pause release was consistent with the results
from our genetic studies described above. Among all the suppressor alleles, med2(0 mutants displayed
the strongest suppression; we therefore assessed how med20-1 would affect nascent transcription
dynamics when introduced into dcriA and rnhiA rnh201A mutants (Fig. 3.9). Introducing med20-1
into WT led to an increase in PI, and in der! A mutant med20-1 caused an even more substantial increase
in PI (Fig. 3.9b-d). On the contrary, rnhlIA rnh201A already had elevated pausing, and med20-1 led to
a reduction of PI below that of WT (Fig. 3.9e-g). Finally, we observed no statistical differences in PI
between the triple mutant and the quadruple mutant (Fig. 3.9a,h-j), although the gene body Pol II
density appeared to be reduced to WT level (Fig. 3.9h) and there was a slight decrease of termination
index (Fig. 3.9j). How med20-1 led to distinct Pol II pause behavior was difficult to infer from the
PRO-seq data alone; regardless, it was evident that early transcription was predominantly affected, but
not to other stages of the transcription cycle. Additionally, the fact that med20-1 had opposite effects
on pausing in dcrl/A (enhancement) and in rnhlA rnh201A (reduction) suggested that promoter-
proximal Pol II was affected in a distinct way in each mutant, therefore responding differently when

Med20 function was disrupted.
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Figure 3.9. Med20 is required for unscheduled Pol II release in dcrIA in the presence of R-loops.
(a) Violin plot of pausing indices (PIs) computed for all annotated genes from PRO-seq data. P-values
represent results of one-way ANOVA. See methods for details.

(b) Profile plot of mean normalized PRO-seq signal of all annotated transcripts in WT, dcri A, med20-
1, and med20-1 dcriA.

(c,d) Density plot of (c) PIs and (d) Cls of all annotated genes for dcriA, med20-1, and med20-1 dcriA
after normalization to WT. Dotted lines represent median for each genotype.

(e-g) Same as (b-d), except for rnilA rnh201A in combination with med20-1.

(h-j) Same as (h-j), except for dcrlA rnhiA rnh201A in combination with med20-1. The decrease in

read counts along the gene body reflects unscheduled Polll release in med20-1 dcrIA rnhiA rnh201A.
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3.6 Agol is required for dcrIA-induced genome instability

As described in previous sections, the genome stability function of Dcrl appeared independent
to its role in pericentromeric silencing. For example, suppressors such as epl/1-T449A4 and rpb2-R1118H
did not confer TBZ resistance to dcriA, nor did they lead to silencing defects by themselves (Fig. 2.2,
3.4). Alleles of med20 also indicated the two functions of Dcrl were genetically separable (Fig. 3.5).
Curiously, although both Dcrl and Agol had been implicated in a separate RNAi-independent pathway
in DNA damage checkpoint activation (Carmichael et al. 2004), the rDNA copy loss phenotype was
not observed in agolA (Castel et al. 2014). We therefore investigated whether the genome instability
phenotype of dcrlA depended on Agol, and found that only dcr/A, but not agolA, had growth defects

in high doses of HU and CPT (Fig. 3.10a). This prompted us to perform further genetic studies on agol.

We first tested whether ago! would interact with RNase H in a similar way to that of derl. We
observed no interaction between agol/A and rnhlA or rnh201A individually, but agol deletion
suppressed the HU- and CPT-sensitivity of the rnhlA rnh201A, acting in the opposite way to dcriA,
which sensitized the genotoxic drug sensitivity of the double mutant (Fig. 3.10b). It was previously
proposed that Agol acted downstream of Dcrl in the regulation of cell cycle checkpoint and cytokinesis
(Carmichael et al. 2004), based on the observation that overexpressing Agol in dcrlA, but not vice
versa, restored the septation index and resistance to HU. We therefore constructed combinations of
mutants with dcriA, agolA, and rnhiIA rnh201A (Fig. 3.10c). We observed no negative interaction
between dcrl A and ago A, as the double mutant appeared phenotypically identical to der I A. Strikingly,
agolA was able to repress the ability of dcr/A to hypersensitize the RNase H mutant rnilA rnh201A
to both HU and CPT (Fig. 3.10c). We also investigated how med20A, as a genome instability suppressor
of deriA (Fig. 3.5), would interact with ago /A under various conditions (Fig. 3.10d). Both dcriA and
agolA, but not med20A, were acutely sensitive to TBZ, as expected. However, med20A was able to
confer TBZ resistance to agolA, but not to dcrlA. Additionally, med20A was sensitive to
cycloheximide (CHX, see also section 2.8), which was suppressed in double mutants with dcr/A, but
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not agolA. These results above suggested Agol was required for derlA to sensitize rnhiA rnh201A,

in contrast to previous reports that Agol overexpression suppressed dcr/A (Carmichael et al. 2004).

As we showed that Dcrl regulates promoter-proximal Pol II pausing (Fig. 3.8) and sRNA
generation (Fig. 3.7), and since Agol binds sSRNA, we wondered if the localization of Agol depended
on Dcrl. We performed Agol ChIP-seq in dcrlA alone, the rnhlA rnh201A double mutant, as well as
the triple mutant. Agol accumulated downstream of TSS in WT, and was reduced by dcr/A and rnhlA
rnh201A, but was most severe in the triple mutant (Fig. 3.10e). As this coincided with promoter-derived
sRNA, we hypothesize that Ago1 is bound by this promoter-derived SRNA, and that the recruitment of
Agol to the promoter depended on the activity of Derl and RNase H. At TTS, dcriA reduced Agol
recruitment to TTS in an RNase H-independent manner. We speculate this might reflect the role of

Derl in transcription termination (Castel et al. 2014).
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Figure 3.10. agolA suppresses dcrIA-induced genome instability in the presence of R-loops.

(a) Spot assay of WT, dcriA, and agolA with 10-fold dilution on YES plates without supplement or
with TBZ, HU, or CPT and tested for drug sensitivity.

(b) Spot assay of WT and combinations of rnklA, rnh201A, and agolA with 10-fold dilution on YES
plates without supplement or with varying doses of TBZ, HU, and CPT.

(c) Spot assay of WT and combinations of rnhlA, rnh201A, agolA, and dcrlA with 10-fold dilution
on YES plates without supplement or with varying doses of TBZ, HU, and CPT.

(d) Spot assay of WT and combinations of dcriA, agolA, and med20A with 10-fold dilution on YES
plates without supplement or with varying doses of TBZ, HU, and CPT.

(e) Distribution of log2 normalized Agol ChIP-seq reads in WT, dcriA, rnhiA rnh201A, and triple

mutant within gene body + 500 bp of all annotated genes.
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3.7 Discussion

Three lines of evidence suggested Dcr1 participates in regulating the early steps of transcription.
First, we observed a genome-wide increase of R-loops (Fig. 3.1a), a common co-transcriptional by-
product (Brickner et al. 2022); this was also observed in a recent study conducted in mammalian cells
(Camino et al. 2023). Second, both forward and reverse genetic studies (Figs. 3.3-5) identified multiple
alleles implicated in early transcription, including the TATA-binding protein thp; subunits of mediator
including med31 and med20 (med15 in the suppressor LS28 was not verified); epl/, a subunit of the
Piccolo NuA4 acetyltransferase complex, implicated in promoter H4 acetylation (see Section 2.5); fcp !,
a phosphatase that removes pS2 at Pol II CTD, the mark that is associated with elongating Pol II; and
tfa2, the small subunit of the TFIIE complex involved in stimulating promoter escape. Third, PRO-seq
analyses of nascent transcription dynamics revealed modifications in promoter-proximal pausing, but
relatively little change in termination behavior (Fig. 3.8). This was further supported by med20-1, a

Derl suppressor, having dramatically enhanced pausing especially in der/A (Fig. 3.9).

In the triple mutant dcriA rnhIA rnh201A, cells became elongated and often with multiple
septa and nuclei (Fig. 3.1d). One explanation for the replication phenotypes therefore, could be
defective cell cycle checkpoint enactment, potentially leading to mitotic progression before DNA
synthesis was complete. This is indeed well documented in RNAi mutants (Carmichael et al. 2004;
Kloc et al. 2008) and while we could not completely rule out its contribution in this study, this was
unlikely to be the main cause for several reasons. First, while both dcr/A and agolA were checkpoint
defective, only dcriA was sensitive to a high dose of genotoxic drugs (Fig. 3.10a). Additionally, only
derlA, but not agoI A, negatively interacted with rnhlA rnh201A (Fig. 3.10b), ruling out the possibility
that both performed identical functions in the same pathway. In fact, that ago/A was able to partially
suppress the triple mutant phenotype (Fig. 3.10c) implicated Agol as being required for the dcriA

phenotype to manifest. Together with the previous finding that agolA, unlike that of dcriA, did not
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lose TDNA copies over meiotic generations (Castel et al. 2014), we therefore concluded that defective

checkpoint regulation alone was insufficient to explain the data presented in this study.

The fact that the role of Decrl in pause release was only revealed in the presence of certain
genetic backgrounds (e.g., rnhlA rnh20IA or med20-1) implied that Dcrl, unlike GTFs, did not
actively engage in normal transcription initiation, but rather impacted specific situations in which the
transcription machinery became pathological, that which may therefore became an obstacle to
replication stress. In the RNase H-defective background, the initiation-to-elongation process was
hampered, leading to an increase in pausing. This appeared to require Dcrl, as the triple mutant had a
WT level of pause peak, but an excess gene-body run on. We therefore hypothesize Dcrl resolves
pathologically arrested Pol II around the promoter, thereby limiting its contribution as an obstacle to
replication. This explains that i) in #fa2-L238*, an overall decrease in TFIIH-mediated elongation
stimulation compensated for the loss of inhibition in dcriA; i) in med20-1, the mechanism was similar
to that of tfa2-L238*, except that it probably acted upstream, reducing the conversion efficiency of PIC
to initially transcribing complex (ITC) (Hantsche and Cramer 2017). This explains also the decrease in
pausing in med20-1 rnhIA rnh201A as there was overall less initiation. It should be noted that the
interactions are likely dynamic and complex. Indeed, the Med8/18/20 submodule is known to interact
with TFIIE and TFIIH, therefore playing a direct role in stimulating elongation (Rengachari et al. 2021),
although a recent structural study provided evidence that the TFIIE/H complex traveled with Pol II
beyond initiation, only dissociating when the pausing factors DSIF and NELF were recruited (Zhan et
al. 2023). Finally, iii) in 7pb1-T481K and rpb2-R1118H, alleles that directly affected the Pol II catalytic
core, replication stress was reduced by reducing the stability and/or processivity of Pol II. This was
supported by the PRO-seq data showing a gradual decrease in gene body signal, as well as a drastic
decrease in termination peak. Hence, despite pathological elongation in the absence of Dcrl, Pol Il was

less of an obstacle to the replication fork.
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First documented in the 1980s (Rougvie and Lis 1988), promoter-proximal pausing is now
known to be a critical checkpoint to regulate gene expression (Core and Adelman 2019). It involves
Pol II being actively held in a transcriptionally poised state by associating with the negative elongation
factor (NELF) and the DRB sensitivity-inducing factor (DSIF) complexes (Core and Adelman 2019).
Pol II is then either licensed into productive elongation through the action of the P-TEFb complex, or
terminated via a recently described function of the Integrator complex, of which the INTS11 subunit
mediates RNA endonucleolytic cleavage, releasing Pol II (Beckedorff et al. 2020; Stein et al. 2022; Xu
et al. 2023). A recent PRO-seq study across the tree of life provided insight into the similarities and
differences of pausing behavior among species (Chivu et al. 2023). In many animals including humans
and mice, the pause peaks are focused, peaking at around 20 — 60 bp downstream of TSSs; this is
correlated with the presence of a metazoan-specific NELF complex. In species without NELF,
including S. pombe and Zea mays, pausing still occurs and is mediated by the eukaryotic-specific DSIF
and pTEF-b complexes, although the peaks are broader and further downstream of the promoter (~100
bp in our data). Since most recent structural studies were conducted using human (and Sus scrofa)
proteins and promoter templates, and that a structural study of paused Pol II — especially that in the
absence of NELF, and in S. pombe is still lacking, how the TSS-pause site distance influences GTF
dynamics beyond initiation, and therefore how Dcrl would fit in the scenario, remains uncertain.
Nevertheless, given that the promoter architecture of S. pombe is highly similar to that of other higher
eukaryotes (Schwer et al. 2009; Yang and Ponticelli 2012), unlike that of S. cerevisiae, in which PICs
universally scan downstream of promoters for TSSs (Qiu et al. 2020), we believe the observations from
structural studies are valid in explaining our results. The fact that S. cerevisiae lacks both pausing and

Dicer also leads us into speculating that this function of Dcrl is conserved among other eukaryotes.

How might Dcrl function in promoter-proximal processes? We note multiple parallel
characteristics between Dcrl and Integrator. First, Integrator is recruited to promoter-proximally
paused Pol II (Fianu et al. 2021), and in human cells DICER cooperates with BRCA1 and AGO1/2 to
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generate small RNA at Pol II pause sites (Hatchi et al. 2021), suggesting DICER is also recruited to
paused Pol II. This is further supported by our observation that Dcrl regulates pausing at Pol II loci.
Second, Integrator is shown to stably interact with the heterotrimeric complex sensor of single-stranded
DNA (SOSS), which contains the ssDNA-binding protein SSB1 (Xu et al. 2023); Integrator is therefore
proposed to be recruited to promoter-proximal R-loops, via its displaced ssDNA strand. Human DICER,
too, has been shown to bind and cleave R-loops (Camino et al. 2023); S. pombe Dcrl also binds to R-
loops (Fig. 3.1b-c), though we did not observe any cleavage activity. Therefore, both Dicer and
Integrator share common mechanism in its recruitment. Third, Integrator terminates paused Pol II via
a cleavage mechanism, generating short RNA in the process (Beckedorff et al. 2020). Our results
indicate that promoter-proximal sSRNA is dependent partly on a functional Dcrl, broadly agreeing with
human DICER cleaving R-loops (Camino et al. 2023) and generating SRNA at paused sites (Hatchi et
al. 2021). Lastly, the Pol II removal function of Integrator has been shown to limit R-loop-induced
replication stress (Bhowmick et al. 2023), parallel to our finding that Dcr1 limits replication stress when
R-loops accumulate. Therefore, we propose Dcrl in S. pombe is the functional equivalent of the
Integrator complex in higher eukaryotes, terminating pathological Pol II at the promoter and generating
sRNA in the process. Indeed, in C. elegans, Integrator is implicated in the biogenesis of piRNA by
terminating promoter-proximally paused Pol II (Beltran et al. 2021), suggesting an intimate connection

between early RNAP termination and RNA.
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Chapter 4: Characterization of genome instability phenotype in dcrIA

4.1 Summary

In the previous chapter, we found that deleting Dcrl causes hypersensitivity to genotoxic stress
in RNase H-deficient cells which accumulate pathological R-loops. Genetic and genomic evidence
implicated Dcrl in regulating promoter proximal pausing in the presence of R-loops, which also
accumulate in Dicer mutants. Here, we implicate the helicase domain of Dicer in this essential catalytic
function and investigate the consequences for DNA replication and repair. In the absence of Dcrl, DNA
breaks accumulated around transcription start sites (TSSs) rather than around replication origins, and
DNA replication processivity and speed were impaired in a manner dependent on transcriptional
activity and directionality. Our results demonstrate a novel nuclear function of Dcrl inresolving
transcription-replication conflicts, which we speculate to be ancestral before being co-opted into the

RNAI pathway.

4.2 Introduction

In Chapter 3 we showed that Dcrl limits transcription-induced replication stress especially
when R-loops accumulate, but mechanistically how this is achieved is unclear. In particular, previous
studies showed that dcri-5 — an RNase III catalytic dead allele — had no defects in rDNA copy
maintenance, unlike dcr/A which caused progressive loss of TDNA (Castel et al. 2014). On the other
hand, as described in Section 1.2, the Archaeal Hef helicase is thought to be the closest homolog to the
helicase domain of Dcr1; this suggested a possibility that the helicase domain could be involved in the
genome stability function of Decrl. In parallel, the consequences to genome stability — other than a
progressive loss of TDNA copies — are poorly understood. To address these questions, in this chapter I
investigate how Dcrl mediates its genome maintenance function via a domain deletion study, and the
consequence to genome stability in dcr/A by using multiple genomic, genetic, and molecular

techniques. Given the role of Dcrl in mediating the transcriptional process described in Chapter 3, we
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also study how replication is impaired in scenarios where transcription activity is high, and in the case

of rnh1A rnh201A, where pathological R-loops impede replication.

4.3 Domain analyses of the genome maintenance function of Derl

To investigate which domains and/or catalytic functions of Dcrl are critical for its genome
maintenance role, we created various dcr! mutants (Fig. 4.1a), including the deletions of the N-terminal
helicase domain (4Hel), the DUF283 domain (ADUF), the PAZ domain (4PAZ, Fig. 4.1b), as well as
the C-terminal 103 amino acids (AC103) containing a dsRBD domain as well as a nuclear retention
signal (Barraud et al. 2011); we also generated dcri-K38R and dcri-K38A4, disrupting the conserved
DExXD helicase Walker A motif and inhibiting ATP hydrolysis and binding, respectively (MacRae et

al. 2000).

In all alleles tested, pericentromeric silencing was lost, as determined by RT-qPCR
measurement of dg/dh transcript levels (Fig. 4.1c), and cells were TBZ-sensitive to varying degrees
(Fig. 4.1d), indicating that an intact, functional Dcrl was required for proper centromeric function.
Unexpectedly, dcrl-K384, but neither deri-K38R nor deri-AHel, caused acute CPT sensitivity (Fig.
4.1d). We validated the result with strains generated independently (Fig. 4.2a), and it was further
verified with backcross (Fig. 4.2b). As the helicase deletion did not have a CPT phenotype, dcri-K384

thus likely represented a dominant negative allele.

Given the CPT-sensitivity phenotype, we next evaluated the genome instability phenotype of
dcrl-K384 with the tDNA copy number maintenance assay (Castel et al. 2014). FO mutants were
created fresh via transformation and crossed to generate F1-3 progeny following successive meioses.
rDNA copy number was estimated by DNA-qPCR normalizing to Actl. As shown, whereas dcri-K38R
displayed a maintenance profile similar to that of WT, dcri-K384 led to a rapid loss of TDNA copy

over meiotic generations (Fig. 4.2c). Comparing rDNA copy number between FO and F3, dcri-K384
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displayed the most severe loss of TDNA copy, even more than dcrlA (Fig. 4.2d), again suggestive of a

dominant phenotype.

We next performed PRO-seq with the helicase mutants, and we found a pausing defect only in
dcrl-K384, but not dcri-K38R (Fig. 4.2e-f) and no significant termination defect (Fig. 4.2g),
phenocopying the triple mutant (Fig. 3.9b, €). We introduced med20A into dcr1-K38R/A and observed
a suppression of only dcri-K38R but not dcri-K384 (Fig. 4.2h). This suppressibility further supported
our conclusion that the helicase activity of Dcrl was involved in genome maintenance, and that the

dcrl-K384 allele was dominant negative.

The PRO-seq results and the genetic interaction with med20A pointed to the possibility that the
helicase of Dcrl might be responsible for the R-loop-induced genome instability as observed in the
triple mutant under genotoxic stress (Fig. 3.1e-f). To test this, we introduced rnilA rnh201A in various
dcrl mutants (Fig. 4.3). Whereas dcr/-K38R and dcr1-K384 indeed interacted negatively with rnilA
rnh201A, similar interaction was also observed in all the other alleles tested, including dcri-5.
Therefore, the helicase activity alone was insufficient, though required, for the role of Dcrl in
protecting against R-loop-induced genome instability, and that the transcriptional stress induced by
dcrl-K384, as manifested in the dominant phenotype of CPT sensitivity, was distinct from the stress

when R-loops accumulated.
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Fig. 4.1. Domains of Dcr1 required for genome stability.

(a) Domain architecture of S. pombe Dcrl, highlighting the mutants used in this study. Not drawn to
scale.

(b) Sequence alignment between human Dicer (hsDCR1) and putative S. pombe Dcrl (spDcrl), which
is deleted in the allele dcri-4APAZ.

(c) RT-qPCR quantification of the expression of dg/dh centromeric transcripts in various dcrl alleles.
Fold change was calculated relative to Act/ and WT. N = 3 independent biological replicates. Error
bars represent SEM. All dcrl alleles lost silencing, indicating the entire dcr! was important for
centromeric function.

(d) Spot assay of various dcrl alleles. Cells were plated with 10-fold dilution on YES plates without
supplement or with TBZ, CPT, or HU to test for drug sensitivity. All dcr/ alleles were sensitive to TBZ,
although to slightly varying extent. Note only dcr/-K384 was acutely sensitive to CPT, worse than

derlA.
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Fig. 4.2. The helicase domain of Dcr1 contributes to pausing and genome stability.

(a) Spot assays of WT, dcrI-K38R, and dcr1-K384 on YES plates without supplement or with varying
concentrations of CPT and HU. Rad5 I A serves as positive control.

(b) Backcross analysis of TC272, a strain carrying the dcr1-K384 allele alongside a cassette conferring
hygromycin resistance. Hygromycin-resistant colonies were selected from backcross and the SNP for
dcr1-K384 was confirmed using dCAPs

(c) gPCR quantification of relative rDNA copy number (WT FO = 1) in WT, dcrl-K38R, and dcrli-
K384 over meiotic generations.

(d) gPCR quantification of relative rDNA copy number (WT FO = 1) in various dcrl alleles in FO and
F3 generation.

(e) Heatmap and mean normalized PRO-seq signal of all annotated transcripts in WT, dcriA, dcri-
K38R, and dcrl-K38A.

(f-g) Density plot of (f) PIs and (g) CIs of all annotated genes in dcrlA, derl-K38R, and dcri-K384

after normalization to WT. Dotted lines represent median for each genotype.
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Fig. 4.3. Domains of Dcr1 required for resistance to replication stress in the presence of
R-loops. Spot assays of various dcr! alleles crossed to rnilA and rnh201A. Cells were plated with 10-
fold dilutions on YES plates without supplement or with HU or CPT to test for drug sensitivity. All
dcrl alleles negatively interacted with rnhlA rnh201A, including the dcri-5 allele, suggesting the

function from an intact Dcrl was required for genome maintenance.
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4.4 DNA damage accumulates at promoters in the absence of Dcrl

All the evidence presented above suggested that Dcrl modulates nascent transcription
dynamics to limit replication stress; we next investigated the consequences of genome instability in
dcrlA. Phosphorylated histone H2A.X (YH2A.X) is one of the earliest responses to DNA damage
(Nakamura et al. 2004; Rogakou et al. 1998), and we prepared chromatin immunoprecipitation followed
by sequencing (ChIP-seq) libraries to probe for DNA damage genome-wide. Aligning the reads from
both H2A and yH2A.X ChIP-seq to all annotated genes, we observed a trough upstream of TSS,
corresponding to the nucleosome-depleted region (NDR) (Lantermann et al. 2010), though the +1 and
-1 nucleosomes were not easily detectable via meta-analysis of ChIP sequencing data. After
normalizing YH2A.X with H2A, we found an enrichment of phosphorylation over the H2A upstream
of TSSs in derlA, rnhlIA rnh201A, as well as in the triple mutant derIA rnhIA rnh201A (Fig. 4.4a),

indicating persistent DNA damage around promoters.

We further investigated the nature of damage with GLOE-seq (genome-wide ligation of 3’-
hydroxy (OH) ends followed by sequencing) (Sriramachandran et al. 2020). GLOE-seq is a technique
that permits the detection of free 3’-OH nicks in the genome at a single-nucleotide resolution. In native
genomic DNA (gDNA), the method detects both single-strand breaks (SSBs) as well as DSBs. On a
genome-wide level, we observed a genome-wide increase in DNA breaks in the triple mutant (Fig.
4.4b). Aligning the reads sense or antisense to transcription, we observed in both WT and all mutants,
there was a peak of DNA breaks downstream of pause sites in the sense direction. In the triple mutant,
however, an additional peak accumulated upstream of the pause site, suggesting an increase in SSB

along the transcription direction.

Okazaki fragments are an important physiological source of DNA nicks during replication, and
in S. cerevisiae GLOE-seq was used in a DNA ligase depleted (cdc9*”) background to enrich for
lagging strand bias for origin mapping; in the ligase-proficient WT background, a leading strand bias
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of breaks was observed instead (Sriramachandran et al. 2020). The authors attributed it to the fact that
the leading strand DNAP Pol € had a higher ribonucleotide misincorporation rate, and the removal of
these ribonucleotides created nicks that could be sequenced. As S. pombe has no sequence-defined
origin of replication, we compared the GLOE-seq data to a recently published Orc4 ChIP-seq dataset
(Masuda et al. 2020). Strand bias of breaks can be quantified with the replication fork directionality
(RFD) index, defined as the ratio of excess reverse strand read (Crick strand) to the total amount of
reads within a genomic region; in this case, a positive RFD value downstream of an origin indicates

excess DNA nicks from the lagging strand.

Calculating the RFD index indeed revealed a discernible pattern genome-wide (Fig. 4.4c).
Comparing RFD around Orc4 peaks showed that S. pombe, unlike budding yeast, had a lagging strand
bias (Fig. 4.4c). The bias was much less obvious in the triple mutant (Fig. 4.4c), and when RFD around
all the annotated origins at oriDB (Siow et al. 2012) were aggregated, the triple mutant indeed displayed
an RFD profile with a lower overall magnitude (Fig. 4.4d). This could be due to at least three reasons:
a decrease in the amount of lagging strand breaks, an increase in leading strand breaks, or an overall
decrease in the amount of replicative activity contributing to DNA breaks. Interestingly, we also
observed a drastic leading strand bias immediately downstream of origins in WT (Fig. 4.4d), that was

abrogated in both the rnhlA rnh201A and the triple mutant.

Taken together, our GLOE seq results indicate that DNA breaks accumulate on leading and
lagging strands during replication, even in the presence of pathological R-loops induced in RNaseH
mutants. In the absence of Dicer, however, breaks accumulate at promoters instead, accompanied by
phosphorylated histone H2A.X. One interpretation of these results is that Dicer is required to process
replication forks that have been stalled by R-loops resulting from TRCs. In the absence of Dicer, these
forks collapse resulting in genome-wide replication stalling and repair by homologous recombination,
accompanied by phosphorylation of histone H2A.X.
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Fig. 4.4. Dcr1 prevents promoter-proximal DNA damage and replication defects in the presence
of R loops.

(a) Distribution of (from left to right) log2 normalized H2A, yH2A.X, YH2A.X - H2A, and WT-
normalized YH2A . X - H2A reads in WT, dcrIA, rnhiA rnh201A, and triple mutant within gene body
+ 500 bp of all annotated genes.

(b) Distribution of normalized GLOE-seq reads in in WT, dcrIA, rnhlIA rnh201A, and triple mutant
within gene body + 500 bp of all annotated genes aligned according to sense or antisense direction to
transcription. PRO-seq signal from Fig. 3.9 plotted at the top for comparison.

(c) Replication fork directionality (RFD) analysis of GLOE-seq data in various mutants. RFD is defined
as the ratio of excess reverse (crick strand) reads within a region, which is calculated as (REV —
FWD)/(REV + FWD). Bottom lane represents Orc4 ChIP-seq reads from Masuda et al., 2020. Note the
positive RFD values immediately downstream of an Orc4 peak, indicating a lagging strand bias.

(d) Metaplot of RFD signal after combining the results from ~750 replication origins defined in oriDB.
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4.5 Dcrl promotes replication progression through highly transcribed regions

The results above suggested a role of Dcrl in regulating replication, prompting us to investigate
how transcription mis-regulation affected replication fidelity. We collaborated with Sarah Lambert
(Institut Curie, Paris Orsay) to probe replication fork structure and dynamics in the absence of dcrl
using bi-dimensional gel electrophoresis (2DGE) and recombination assays. In eukaryotes, TDNA units
are arranged in blocks of tandem repeats (Kobayashi 2014), and with its highly-transcribed nature,
make them a hotspot of transcription-replication conflicts and genome instability. To mitigate the effect
of TRC, individual rDNA units contain a strong replication origin and a replication fork barrier (RFB)
to limit head-on collisions (Brewer, Lockshon, and Fangman 1992; Kobayashi 2003). Given the roles
of Derl in tDNA copy maintenance (Castel et al. 2014) (Fig. 4.2c-d), we analyzed replication fork
progression within the two regions of the rDNA unit, covering either the programmed RFB or the origin
(Fig. 4.5a-b). Both WT and dcriA displayed the expected intensity along the Y-arc corresponding to
programmed pausing along the RFB (Fig. 4.5¢, bottom). In contrast, only dcrlA accumulated extra
intensities along the ascending and descending Y -arc in the HindIll/KpnlI restriction fragment (Fig. 4.5c,
top). Additionally, we observed a moderate increase in the intensity corresponding to the X-spike in
derlA, corresponding to joint molecules thought to be intermediates of homologous recombination.
The results suggested that replication was hampered in dcr/A when progressing through highly

transcribed units.

One limitation in studying rDNA clusters was that the transcriptional activity of individual
rDNA units was highly heterogeneous; for example, not all rDNA units are actively transcribed, and
inactive rRNA genes can be heterochromatinized (McStay and Grummt 2008). We therefore further
probed how dcriA affected fork progression with an engineered R7S7-RFB fork stalling assay (Lambert
et al. 2005) (Fig. 4.5d). Here, a Rtfl-bound R7S! blocked replisome progression in a polar manner,
requiring rescue by recombination-dependent replication (RDR). RDR is prone to replication slippage
(RS) (Carr and Lambert 2021), and can be detected with ura” reversion arising from the segmental-
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duplicated ura4-sd20 allele (Iraqui, Chekkal, Jmari, Pietrobon, Fréon, Costes, and Sarah A. E. Lambert
2012). The absence of Dcrl resulted in a slight decrease (~1.4-fold reduction) of RS downstream of
RFB (Fig. 4.5¢). In contrast, the frequency of upstream RS showed ~3-fold increase compared to WT
(Fig. 4.5¢). This may indicate that nascent strand degradation (Carr and Lambert 2021) was more
extensive, resulting in more fork-restart occurring downstream from the RFB in dcr/A. Agreeing with
this hypothesis, 2DGE at the RFB (Fig. 4.5f-g) revealed a strong signal corresponding to arrested forks
at the RTS! barrier accumulated when RFB was activated. Exol-mediated resected forks could be
detected as a tail descending towards the linear arc (Ait Saada et al. 2017; Teixeira-Silva et al. 2017),
and the signal was more intense in dcrlA (Fig. 4.5h). Out data suggested that Dcrl represented a novel

player in preventing resection of unprotected forks during HR-mediated fork restart.

To further investigate how replication was hampered in dcr/A, we employed nanopore long-
read sequencing to estimate replication speed of individual forks in a genome-wide manner (Theulot et
al. 2022). Conventional, single-molecule methods of analyzing DNA replication speed, such as DNA
fiber and combing analyses (Bianco et al. 2012), are low-throughput and lack sequence information.
Recent progress in long-read sequencing has opened up the possibility to perform replication studies in
a high-throughput, high-resolution manner. In particular, nanopore sequencing using Oxford Nanopore
Technology (ONT) allows sequencing native genomic DNA, along with the detection of modified
nucleotides (Hennion et al. 2022; Miiller et al. 2019; Theulot et al. 2022). In a typical experiment, cells
are pulsed with modified nucleotide (such as the thymidine analogue 5-bromo-2’-deoxyuridine, BrdU)
that is incorporated into nascent DNA during replication. With a trained model, the modified nucleotide
can be detected using ONT, and information about the site and speed of replication can be extracted

from the data.

We started by creating dcriA, rnhlA rnh201A, as well as the triple mutant in an S. pombe strain
capable of incorporating exogenous nucleosides (Hodson et al. 2003). We then performed pulse-chase
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labeling with BrdU, and detection using NanoForkSpeed (Theulot et al. 2022), a procedure that allows
the detection of BrdU incorporated during replication. As shown in Fig. 4.6a, BrdU incorporation could
be detected in individual DNA molecules of >60 kb long, and based on the characteristic rise and fall
of BrdU signal densities from pulse-chase labeling, replication forks were automatically detected and
their speed estimated. In WT, we observed a median fork velocity of ~1.8 kb/min in WT (Fig. 4.6b),
agreeing broadly with estimates in eukaryotes (Técher et al. 2013), though individual fork speed varied

drastically, ranging from 0.5 to 3.6 kb/min (after removing top and bottom 1% of outliers).

Inspecting all replication forks genome-wide, we observed changes to global replication speed
in various mutants. The mean replication speed dropped slightly in dcriA, by ~0.1kb, and was further
decreased in the triple mutant, by another ~0.15kb to 1.55 kb/min (Fig. 4.6b). Curiously, we observed
a modest increase in speed in the rnhlA rnh201A mutants, which was surprising considering that R-

loop accumulation is usually associated with impeded fork progression.

NanoForkSpeed also provided genomic location as well as the direction of the replication forks,
which we could leverage to correlate fork speed with various genomic features. As a proof of principle,
we extracted all the replication forks that overlapped with annotated rDNA loci, and separated them
into co-directional or head-on fork progression with the rRNA transcription direction. We observed a
substantial decrease in replication speed when the fork proceeded head-on with transcription (Fig. 4.6¢),
thereby directly showing an influence of transcriptional activity to replication speed. Unfortunately, the
current read depth precluded statistically meaningful analyses of fork behavior at the rDNA loci for
various mutants. However, we also collected all replication forks overlapping annotated mRNA genes
and classified them as being co-directional or head-on. As shown in Fig. 4.6d, we observed only in the
triple mutant a significant reduction in replication speed as forks travelled head-on. Therefore, Dcrl

promoted fork progression through R-loop-induced replication obstacles.
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Fig. 4.5. Dcr1 promotes replication through highly transcribed regions and limits fork resection.
(a) Schematic of an rDNA unit located on the chromosome I11. Probes and restriction sites are indicated.
H: Hindlll B: BamHI, K: Kpnl, ars; autonomously replicating sequence, ETS: external transcribed
spacer, RFB: programmed and polar replication fork barrier. The orange arrows indicate the
transcription unit of rRNA.

(b) Ilustration representing the expected migration behavior of replication intermediates (RI) analyzed
by bidimensional gel electrophoresis (2DGE). The “Y arc” is a series of Y-shaped RI, resulting from
the replication fork progression within the DNA fragment analyzed. The “bubble arc” corresponds to
the firing of the replication origin. The vertical X-spike results from X-shaped DNA joint molecules
corresponding to Rls.

(c) Representative images of RI analysis by 2DGE within the BamHI-BamHI restriction fragment
(bottom panels) or the HindIII-Kpnl restriction fragment (Top panels) in indicated strains. Black arrows
indicate the position of the programmed RFBs and red arrows indicate the fork pausing signal revealed
in RNAi mutants.

(d) Diagrams of constructs containing the reporter allele ura4-sd20 (red bar), associated or not to the
RTSI1-RFB (blue bars) on chromosome III. The RFB is integrated 5 kb away from a strong replication
origin (ori). Black oval indicates centromere position. After thiamine removal, forks traveling from the
centromere toward the telomere are blocked in a polar manner. The ura4-sd20 allele contains a 20 nt
duplication flanked by micro-homology. When the ura4-sd20 allele is replicated by a restarted fork,
the non-processive DNA synthesis undergoes replication slippage resulting in the deletion of the
duplication and the restoration of a functional ura4 * gene.

(e) Frequency of replication slippage in indicated strains and constructs. Bars indicate mean values + 95
% confidence interval. Statistical analysis was performed using Student’s t-test, compared to WT.

(f) Representative 2DGE analysis in indicated strains and conditions. The red arrow indicates the “tail”

signal in WT and dcrlA strain. Numbers indicate the efficiency of the RFB + standard deviation (SD).
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(g) Schematics of RIs observed within the Asel restriction fragment in RFB ON condition using ura4
as probe. Gray lines indicate secondary signal caused by partial digestion of psoralen-cross linked RIs.
(h) “Tail” quantification from (g). Bars indicate mean values + SEM. Statistical analysis was performed

using Student’s t-test, compared to WT.

2DGE and replication slippage experiments were performed by Sarah Lambert laboratory.
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Fig. 4.6. Dcr1 prevents transcription-replication collisions in the presence of R-loops.

(a) Example of individual nanopore sequencing reads from pulse-labelled WT (FY2317) cells, showing
BrdU contents after processing using NanoForkSpeed. Figures generated using software in Theulot et
al., 2022. Replication forks are automatically detected as rightward, leftward, diverging and converging
forks. Light blue dots: raw data from the BrdU detection tool Megalodon, representing the probability
of BrdU at each thymidine position. The raw data is smoothened and is represented as the blue curve,
further simplified using the Ramer-Doublas-Peucker algorithm (RDP), which is ultimately used to
detect forks, labelled as green arrows in the diagram, fork velocity (bp/min, in green) indicated below.
Refer to Theulot ef al., 2022 for detail.

(b) Violin plot showing the global estimated replication speed distribution in various genotypes. P-
values represent results of one-way ANOVA.

(c) Violin plot showing the estimated replication speed distribution for all replication forks mapped to
the rDNA loci, separated according to head-on or co-transcription to the direction of TRNA transcription.
P-values represent results of one-way ANOVA.

(d) Violin plot showing the estimated replication speed distribution for all replication forks mapped to
all annotated mRNA transcripts, separated according to head-on or co-transcription to the direction of

transcription direction, and by genotype. P-values represent results of one-way ANOVA.
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4.6 Discussion

We concluded from our domain analysis that the helicase domain of Dcrl appeared to play a
more prominent role in maintaining genome stability. We discovered Dcr1-K384, but not Dcri-K38R,
resulted in additional genome instability phenotypes. While the RNase Il1I-dead dcri-5 mutant did not
have a rDNA copy maintenance phenotype (Castel et al. 2014), every domain deletion mutants tested
here appeared to lose rDNA copy at a degree comparable to dcrlA, an exception being dcrl-K384,
which was more severe than dcr/A. Although not directly tested in Dcrl, one can assume mutating
Walker A lysine to arginine and alanine would abolish ATP hydrolysis and binding respectively, as in
the case of the Rad51 class recombinases (D. Sharma et al. 2013). Indeed, D. melanogaster Dcr-2
displayed distinct nucleic acid enzymatic activities when incubated with or without ATP, or with the
non-hydrolyzable ATPyS (Singh et al. 2021), suggesting that in Dicer too, ATP binding and hydrolysis
were separable events, exerting different influences to Dicer’s activity. We speculate that Dcrl-K384,
void of bound ATP, adopts a conformation that, instead of processing R-loops, traps itself onto

chromatin, obstructing replication.

Nevertheless, from our genetic analysis of introducing various dcrl alleles into RNase H
mutants (Fig. 4.3), we concluded that a fully functional Dcrl was required to limit R-loop-induced
replication stress. This function is likely not prevalent under physiological condition and is therefore
enhanced only in a rnilA rnh201A background. Under this condition, we observed a loss of promoter-
proximal pausing in the triple mutant (Fig. 3.7), explaining the negative interaction between dcr/-5 and
rnhlA rnh201A. Together with the findings on dcri-K38R/A, we speculate that Dcerl is recruited via its
ATPase/helicase domain to promoter-proximal R-loops — further stabilized in paused and potentially
backtracked Pol II (Castillo-Guzman and Chédin 2021) — and uses its RNase III catalytic activity for

resolution.
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We further characterized the consequences for genome stability in the absence of dcr/A. In
both dcriA and rnhIA rnh201A, we observed accumulation of YH2A.X around TSSs (Fig. 4.4a), but
only in the triple mutant did it manifest as a detectable GLOE-seq peak representing DNA breaks (Fig.
4.4b). This suggests that the absence of either Dcrl or RNase H activates the DNA damage response
(DDR) pathway, in agreement with YH2A.X being one of the earliest damage markers, which does not
necessarily mean the presence of a DNA break (Cleaver, Feeney, and Revet 2011; Nakamura et al.
2004). From the GLOE-seq results we also observed a decrease in a lagging strand bias in the triple
mutant (Fig. 4.4c,d). While this could be due to an increase in leading or a reduction in lagging strand
breaks, or a general decrease in replication speed, an interesting possibility is that replication forks, and
associated breaks, were accumulating at promoters rather than at origins, due to the presence of paused

Pol II and unresolved R-loops.

We tested this possibility with 2DGE, as well as with single molecule replication mapping
using long read sequencing. In dcriA, we found that replication was indeed hampered at the rDNA unit
(Fig. 4.5), as well as a slight global decrease in replication speed (Fig. 4.6b). When transcription was
disrupted in the presence of R-loops, deleting dcriA led to a further reduction in replication speed (Fig.
4.6b), but was more severe when fork progression clashed head-on with transcription (Fig. 4.6d). We
also observed an increase in replication fork slippage in dcr/ A when the ura4 gene was placed upstream
of the programmed replication fork barrier (Fig. 4.5d,e). Replication slippage as a mutational signature
can be used as a proxy to measure the extent of replication restart via recombination (Carr and Lambert
2021), which requires end resection to generate ssDNA for loading homologous recombination factors.
The increase in upstream replication slippage suggested a more extensive nascent strand degradation,
promoting recombination further downstream of the RFB. Indeed, we observed from 2-dimensional gel
electrophoresis that end resection was more severe in dcrlA (Fig. 4.5f-h). We conclude that Dicer does

indeed mediate replication-transcription collisions via R-loops and paused Pol II, which are resolved in
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its absence by fork resection and restart by homologous recombination. Direct examination of forks in

mutant genotypes by transmission electron microscopy will further test this conclusion.
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Chapter 5: Conclusion and future directions

Cells defective in RNAi have long been known to display genome instability phenotypes such
as chromosomal segregation errors (Gutbrod et al. 2022; Gutbrod and Martienssen 2020; Hall et al.
2003; Volpe et al. 2003; Zaratiegui et al. 2011). Accumulating evidence in recent years has shown that
Decrl has additional genome stability functions beyond that of classical RNAi, although a mechanism
is lacking (Zaratiegui et al. 2011). Since nuclear RNAi in S. pombe plays a critical function in
coordinating S phase-specific CTGS with that of replication, and in doing so ensuring faithful
propagation of epigenetic information (Castel et al. 2014; Kloc et al. 2008; Li et al. 2011; Zaratiegui et
al. 2011), a hypothesis of Dcrl being involved in limiting TRC was proposed. R-loops are frequently
associated with genome instability (see Section 1.4.3), and in our laboratory, we found that S. pombe
DNA:RNA hybrid accumulated at rDNA repeats in dcriA cells (Castel et al. 2014), and in mESCs,
BRD4, which resolves R-loops (Edwards et al. 2020; Lam et al. 2020), was identified as a strong
suppressor of Dicer” (Gutbrod et al. 2022). Additionally, Dicer from both S. pombe and human can
bind R-loops (Fig. 3.1b-c, Camino et al. 2023). Despite strong evidence of Dicer in limiting TRC, and
a link to R-loops, exactly how Dicer limits TRC and the consequence to genome stability in its absence

remain poorly understood.

Here, we conducted a series of genetic studies in S. pombe to further dissect the dcriA
phenotype when R-loops accumulate in RNase H-deficient rnhlA rnh201A cells. We found that Dcrl
regulates early transcriptional activity of Pol II near promoters and terminators to prevent replication
stress. This was supported by genetic experiments with known and new suppressors, as well as genome-
wide nascent transcription studies using PRO-seq. We found a population of sSRNA of the size between
24 — 40 nt that mapped to the promoter, and to the terminator, whose biogenesis depended redundantly
on Dcrl and RNase H. sRNAs of exactly this size-range have been detected in human cancer cells,

where they depend on Dicer and BRCA1 and coincide with R-loops at the actin gene terminator,
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although genome-wide studies have not been performed (Hatchi et al. 2021). The genome instability
phenotype of dcriA required the presence of Agol, as agolA suppressed HU and CPT sensitivity in
derIA cells. Agol was recruited to promoters and especially to terminators, and its recruitment
depended on both Dcrl and RNase H, as the ChIP-seq signal decreased in significantly in the triple

mutant.

We performed domain analyses of Derl and found that while an intact Derl with both catalytic
functions — ATPase and RNase III — was important in preventing R-loop-induced replication stress, the
ATPase/helicase domain played a more direct role, and that a catalytic dead allele, dcri-K384,
appeared dominant, causing more genome instability than when the helicase was deleted. We next
employed a series of genomic approaches to further characterize the genome instability phenotype in
derlA, and discovered that DNA damage, manifested in DNA breaks, was enriched around TSSs and
terminators of mRNA genes. Our data also suggested Dcrl played a more direct role in protecting
replication forks, as manifested in altered RFD profiles genome-wide. This agreed with work from our
collaborator Sarah Lambert, demonstrating that Dcrl promoted replication progression through highly
transcribed units and prevented unprotected fork degradation. Finally, we conducted a replication
dynamics study using long read sequencing after BrdU incorporation, and discovered that in the triple
mutant derIA rnhlA rnh201A a direct slowing down of replication speed as the fork progressed head-
on to transcription units, further supporting the role of Derl in preventing TRCs in the presence of R-

loops.

With respect to transcription, we observed a global decrease in pausing index in the triple
mutant (Fig. 3.8e,f) due to a higher read count at the gene body suggesting aberrant pause escape.
However, not all genes were affected to the same degree and indeed, a substantial number of genes had
a higher PI than WT (Fig. 3.8f). It would be important to identify the subset of genes and their associated
features that are ‘“TRC hotspots’ requiring the action of Dcrl. The pausing defect correlated partly with
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gene expression (Fig. 3.8k) but we observed a stronger dependency on genes already having a high PI
in WT (Fig. 3.8j). In animals, actively paused genes are associated with developmentally regulated
genes, or genes that require rapid response to environmental stimuli (Core and Adelman 2019); in fact,
Dicer-dependent promoter-proximal pausing was first identified in vivo in D. melanogaster in the
promoters of heat-shock responsive genes (Cernilogar et al. 2011). Our RNA-seq results showed that
derlA and rnh 1A rnh201A shared a similar set of up-regulated genes that were related to environmental
stress (Fig. 3.6¢), potentially supporting that in S. pombe too, dynamically expressed genes are actively

held in a paused state and are subjected to Dcrl regulation.

Another, non-mutually exclusive set of genes regulated by Dicer could be those that are prone
to promoter R-loop formation. In our DRIPc-seq data we failed to detect promoter-specific R-loops
enrichment in the decrlA single mutant (Fig. 3.1a). This might be due to two reasons. First, given the
lack of apparent pausing defect globally in the dcr/A single mutant (Fig. 3.8e-f), R-loops at TRC
hotspots might be efficiently resolved by other mechanisms such as RNase H. Second, promoter-
associated R-loops, as mentioned in section 1.4.3, are distinct from gene-body R-loops associated with
elongating RNAP. In particular, promoter-associated R-loops tend to be shorter and less stable; it was
therefore proposed that DRIP-based method, which involved DNA fragmentation and deproteinization,
could further destabilize these R-loops, making them refractory to be captured and sequenced (Castillo-
Guzman and Chédin 2021). In this case, in vivo approaches such as MapR (Yan and Sarma 2020),
which is based on a CUT&RUN (cleavage under targets and release using nuclease) approach with
catalytically inactive RNase H, may be more suitable for detecting promoter-associated R-loops.
Unfortunately, successful CUT&RUN based sequencing has not reported for S. pombe and requires
significant modifications from the protocol designed for S. cerevisiae. We successfully performed
MapR in mammalian cells, and managed to perform CUT&RUN in S. pombe, although performing
MapR in S. pombe would require further optimization of the protocol; these are described in detail in
Appendix 1.
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We detected SRNA mapped to the promoter and to the terminator from the transcribed strand,
which depended on both Dcrl and RNase H in a redundant manner (Fig. 3.7). We did not find promoter-
proximal antisense SRNAs, suggesting they were cleavage products from nascent transcripts. Whether
the SRNA serves a functional role remains unclear. They could be the consequences of Dcrl and RNase
H terminating Pol II via an endonucleolytic mechanism; further, they could be important in recruiting
Agol. Human Dicer has been shown process R-loops in vitro, cleaving the RNA moiety at 20 — 23 nt
from the 3’ end (Camino et al. 2023), and in our laboratory, we found that S. pombe Dcrl was able to
bind R-loops too (Fig. 3.1b,c). On the other hand, Agol has been hypothesized to be recruited via its
binding to R-loops (Nazer et al. 2022). In fact, the PIWI domain of Argonautes resembles an RNase H
domain (Song et al. 2004), and prokaryotic Argonautes often display strong affinity towards DNA
substrates (see Section 1.2). Agol acts downstream of Dcrl (Carmichael et al. 2004), and we found
that Agol was indeed recruited to the TSSs and especially the TTSs by Dicer and RNase H (Fig. 3.10).
We therefore tested whether the promoter-derived sRNA serves to recruit Agol. Rationalizing that
promoter SRNA were dicer-independent in the presence of RNase H, we mapped sRNA reads from
derlIA cells recovered by RNA-immunoprecipitation (RIP) for Agol-associated sSRNA (Halic and
Moazed 2010). We found that Agol bound small RNA mapped to the TTSs, resembling Agol in this
respect, although read lengths (36 nt) prohibited estimating the length distribution of the SRNA (data
not shown). We will further examine the role of Agol in processing R-loops using previously

characterized catalytic mutants that lose other silencing functions (Irvine et al. 2006).

Unexpectedly, we found that dcr/A did not negatively interact with senlA (Fig. 3.2c), which
is well known to process R-loops: in human cells, Senataxin (SETX) is an R-loop resolving helicase
involved in mediating Pol II pausing, termination, and DSBs (Cohen et al. 2018; Hasanova et al. 2023;
Skourti-Stathaki et al. 2011). In S. cerevisiae too, Senl is known to mediate Pol II transcription
termination, and in doing so, limits replication stress (Alzu et al. 2012; Mischo et al. 2011; Porrua and
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Libri 2013). In S. pombe, the function of Senl appeared to be distinct, being involved in terminating
Pol III transcription (Legros et al. 2014; Rivosecchi et al. 2019). Another homolog, Dbl8, is recruited
to DSBs (Yu et al. 2013). While it remains to be tested whether Senl and Dbl8 operate redundantly,
the lack of negative interaction between dcrIA and either senlA or dblSA suggests that Derl, rather
than acting as a global R-loop regulator, participates specifically at Pol II transcription units that are
co-regulated by other R-loop factors (such as RNase H). Alternatively, as Senl is a DNA:RNA helicase,
it might function in the same pathway as Dcrl. In this case, it would be interesting to see if senlA also
negatively interacts with rnhlA rnh201A under genotoxic stress, in similar manner to what we observed
for derlA. While the rDNA copy loss phenotype in deriA cycling cells (Castel et al. 2014) might
implicate Dcrl in Pol I regulation, Dcrl appears to play a more prominent role in regulating Pol I during
cellular quiescence Go (Roche et al. 2016); in cycling dcriA cells, Pol II accumulated at rDNA repeats
instead (Castel et al. 2014; Roche et al. 2016). In fact, Pol II activity at rDNA loci has been widely
documented and is proposed to play a role in regulating rDNA copy number (Abraham et al. 2020;

Kobayashi and Ganley 2005; Watase and Yamashita 2024).

In our domain analyses (Section 4.3), we found that both the helicase deletion mutant (dcri-
AHel) and the RNase 111 dead mutant (dcri-5) negatively interacted with rnhlA rnh201A in a similar
way as dcrlA (Fig. 4.3). The Walker A motif mutant, dcri-K38R, was also phenotypically similar to
derlA. This suggested both the ATPase and RNase III activities were important for resolving TRCs.
On the other hand, dcri-K384 appeared phenotypically dominant, causing acute CPT sensitivity and
enhanced rDNA copy loss (Fig. 4.1-2). Performing ChIP on Dcrl had been difficult in S. pombe, partly
due to its low expression level, and we speculate that Derl resolving paused Pol Il is a dynamic event,
thereby evading capture by conventional ChIP. If dcri-K38A4 indeed traps itself onto chromatin as we
speculate (see Section 4.6), then it should be more stabilized and potentially can be ChIPed. We also
note that senlA suppressed the CPT sensitivity of dcr/A at high CPT doses (Fig. 3.2¢); it would be

interesting to see if senlA could also suppress dcri-K38A4.
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S. pombe is an excellent model organism for studying the nuclear function of Dcrl, owing to
its simple yet intact RNAi pathway; the lack of miRNA eliminates confounding factors in interpreting
phenotypes. Given that the epigenetic, chromosome segregation, and replication machineries are well
conserved between S. pombe and other eukaryotes, we believe the function of Dcrl in resolving TRC
is conserved. The findings in human cells that Dicer” knockout displays chromosome segregation
defects (Gutbrod et al. 2022), that Dicer binds and processes R-loops (Camino et al. 2023), and that
Dicer-dependent sRNA is generated at transcription termination paused sites (Hatchi et al. 2021) all
support this nuclear role of Dicer in mammals. S. pombe Dcrl retains a catalytically active ATPase that
alters the cleavage preference of dsRNA, and is required for proper centromeric siRNA biogenesis,
although ATP-independent dsRNA cleavage by Dcrl-K38A was also observed (Colmenares et al.
2007). In animals, the ancestral Dicer is predicted to have a catalytically active helicase domain; in
deuterostomes the emergence of additional antiviral proteins such as RIG-I-like receptors (RLRs) and
the expansion of adaptive immunity is correlated with the loss of ATPase activity in Dicer (Aderounmu
et al. 2023). Indeed, human Dicer remains capable of generating sSRNA in vitro when the helicase
domain is deleted (MacRae et al. 2006), and mammalian Dicer does not appear to require ATP for its
function. Nevertheless, the helicase domain is relatively well conserved, and human Dicer has intact
Walker A and B motifs (Kidwell, Chan, and Doudna 2014). The function of the mammalian Dicer
helicase remains elusive; it has been shown to act as a platform to recruit accessory factors (Hansen et
al. 2020), but this cannot explain the conservation of the catalytic residues. In a recent preprint, it was
shown that human Dicer can hydrolyze ATP when incubated with an equimolar amount of ATP, but
not when ATP was in ~500-fold excess (Ciechanowska et al. 2023). Therefore, we speculate in
mammals too, a function of the helicase domain of Dicer may be specific to cleaving R-loops and

therefore in maintaining genome stability.
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As described in Section 1.2, recent metagenomic and phylogenetic studies have shed light on
the evolutionary history of RNAi, suggesting Argonaute and Dicer had distinct functions before being
co-opted into silencing pathways (Torri et al. 2022). LECA, as descendants of Asgard Archaea
(Williams et al. 2013), very likely evolved with a pre-existing, functional Argonaute (Ledo et al. 2023).
Dicer, on the other hand, appeared to be a truly eukaryote-specific fusion protein with domains of
bacterial and archaeal origins (Shabalina and Koonin 2008). Notably, the closest prokaryotic homolog
to Dicer’s helicase is that of an archaeal protein, Hef (Shabalina and Koonin 2008; Sinha et al. 2018),
which participates in resolving stalled replication forks (Lestini et al. 2010). The evolutionary origin of
Argonautes and Dicer is still an active area of investigation, although a recent preprint found that
Asgard Argonaute has RNA-guided RNA cleavage activity, and is located in an operon that also
encodes a DExD domain helicase and a protein containing an RNase III/dsSRBD domain (Bastiaanssen

et al. 2023), suggesting the emergence of a proto-RNAi pathway before LECA.

Nevertheless, as proposed by Torri ef al., RNAi was likely dispensable in LECA for genome
defense; in fact, even in prokaryotes the presence of pAgos did not correlate with a decrease in TE
number (Ryazansky, Kulbachinskiy, and Aravin 2018). Additionally, small noncoding RNA can
function without a protein partner, which is proposed to be more ancient than RNAi (Chen and Zhou
2023). All chromatin metabolism — transcription, replication, repair, and epigenetic inheritance — uses
the same DNA molecule, and have therefore been co-evolving since the emergence of DNA as the basis
of inheritance. Therefore, it is perhaps not surprising that many proteins are found to regulate multiple
processes. For example, as mentioned in Section 1.4, many helicases that unwind dsDNA for fork
remodeling also unwind R-loops. In S. pombe, the leading strand DNAP Cdc20, the HR repair factors
Rad51 and Rad54, as well as the Pol II subunits Rpb2 and Rpb7 are all required for proper
heterochromatic silencing (Djupedal et al. 2005; Kato 2005; Li et al. 2011; Onaka et al. 2016),
highlighting their interconnectedness. As for Dicer, we and others have shown that it can bind to
DNA:RNA hybrids (Fig. 3.1b-c, Camino et al. 2023), and the helicase domain of Sporotrichum

141



thermophile Dicer-2 can hydrolyze ATP when DNA:RNA hybrid is added (Kidwell et al. 2014).
Additionally, the helicase of human Dicer can bind both ssDNA and ssRNA (Ciechanowska et al. 2023).
For Argonaute, as most pAgos are catalytically inactive and virtually none mediates exclusively RNA-
guided RNA targeting like eAgos, its ancestral function likely lies in DNA-based mechanism. As
mentioned, the long, catalytically active pAgo of 7. thermophilus facilitates replication termination
with a DNA cleavage mechanism (Jolly et al. 2020). In Natronobacterium gregoryi, the long pAgo
mediates recombination in a way that is independent of its catalytic activity (Fu et al. 2019). Therefore,

in Eukaryotes, Dicer and Argonaute in general might have functions beyond RNA processing.

Replication origins are often found near TSSs, generating TRC (See section 1.4.2; Hu and
Stillman 2023). In the Saccharomycetaceae family, the emergence of sequence-specific replication
origins of and a silent information regulator (SIR)-based gene silencing mechanism correlate with the
loss of RNAI, which is thought to increase TRC (Hu et al. 2020). Our finding in S. pombe supports this
hypothesis, placing RNAi as a key player at the promoter region to coordinate transcription and
replication. Given the evolutionary context and the results presented here, we speculate the ancient
function of Dicer and Argonaute predating the emergence of a silencing pathway lies in that of limiting

replication stress.
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Chapter 6: Appendix 1 - CUT&RUN-based method for R-loop profiling

6.1 Introduction

CUT&RUN has become increasingly popular as an alternative to ChIP for its simpler workflow,
and high signal-to-noise ratio. For genome-wide R-loop studies, MapR was recently developed as a
simplified CUT&RUN workflow by using a custom enzyme with a catalytically dead RNase H fused
to MNase (Yan et al. 2019; Yan and Sarma 2020). As described in Section 1.4.3 and in Chapter 5, in
situ approaches such as CUT&RUN are predicted to better detect short, promoter-proximal R-loops.
However, while a CUT&RUN protocol exists for S. cerevisiae (Brahma and Henikoff 2019), it has not
been used in S. pombe owing the differences in cellular physiology. In particular, the CUT&RUN
protocol for S. cerevisiae involves nuclei extraction, which is difficult in S. pombe. In this chapter, I
describe the MapR experiment I performed on moues embryonic stem cells (mESCs) with Joshua

Steinberg in our laboratory, and my optimization on performing CUT&RUN in S. pombe.

6.2 Materials and methods
6.2.1 mESC:s tissue culture and MapR

Tissue culture was performed by Joshua Steinberg. mESC tissue culture was performed as
described in Gutbrod ef al. 2022. Briefly, cells were grown in 2i + LIF medium at 37 °C and 5% CO»,
on culture dishes coated with gelatin. For inducible Dicer ™" knockout, cells were treated with
hydroxytamoxifen (OHT) at a final concentration of 1 pM. MapR was performed largely following
Yan & Sarma 2020, including in-house purification of GST-MNase and GST-RHA-MNase. 3.5 x 10°
cells were used per MapR experiment, and for Dicer ™" cells were harvested after 8 days of OHT

treatment.
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6.2.2 Nuclei extraction and CUT&RUN for S. pombe

A working, but yet to be optimized, protocol for performing CUT&RUN in fission yeast is

described here. The protocol involves two major steps: nuclei isolation and the actual CUT&RUN.

Nuclei isolation can be done ahead of time and the resulting nuclei can be frozen in -80 °C indefinitely.

For CUT&RUN, the whole procedure takes 2 days, and extra time is required for the preparation of

DNA-seq libraries.

Stock solutions

1. 20% w/v BSA in water. Store at -20 °C. 8. 1 M Manganese chloride
2. 0.1 M Calcium chloride 9. 1 M PIPES-NaOH pH 6.3. Store in dark at 4 °C.
3. 1 M Citric acid 10. 2 M Potassium chloride
4. 0.5 M EDTA pH 8.0 11. 1 M Sodium citrate
5. 0.2 M EGTA pH 8.0 12. 5 M Sodium chloride
6. 1 M HEPES-KOH pH 7.5 13. 5 M Sorbitol
7. 1 M HEPES-KOH pH 7.9 14. 2 M Sucrose
Stock buffers:

L.

SCSa — 20 mM sodium citrate, 1 M sorbitol. Store at RT.

2. SCSb — 20 mM citric acid, 1M sorbitol. Store at RT.
3. 10X protease inhibitor (10X Pi) — dissolve 1 tablet of Roche COmplete protease inhibitor in 5 mL
of H,O. Store for up to 1 week at 4 °C.
4. 10X salt buffer (10X SB) — make fresh every experiment as spermidine is unstable in solution.
Keep on ice throughout.
Stock Final conc. (10X) | 20 mL
HEPESpH75 | 1M 200 mM 4 mL
NaCl | 5M 1.5M 6 mL
Spermidine | Pure; 6.4 M | 5 mM 15.6 uL
H,O | -- -- 10 mL
Buffers:
SCS buffer

SCS buffer is prepared by mixing SCSa and SCSb until pH reaches 5.8. Empirically 35 mL SCSa and
15 mL SCSb works for me. SCS buffer can be stored at RT.

SPC buffer (no Pi)
Store for up to 6 months at 4 °C.
Stock | Final conc. | 10 mL
PIPESpH63 | I M 200 mM 2 mL
Sorbitol | 5 M M 2 mL
CaCl; | 0.1M | 0.1 mM 10 uL
HO | -- -- 6 mL
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SPC buffer
Since protease inhibitor is stable for only 1 week, SPC should not be stored > 1 week too.

Stock Final conc. | 50 mL
PIPESpH63 | I M 200 mM 10 mL
Sorbitol | 5 M 1M 10 mL
CaCl, | 0.1 M 0.1 mM 50 puL
10X Pi | 10X 1X 5mL
H,O | -- -- 25 mL
Ficoll buffer

Ficoll buffer is best made fresh but can be stored at 4 °C for a few weeks. To make 25 mL Ficoll buffer,
dissolve 2.25 g Ficoll PM-400 in 15 mL of water and add 500 pL of 1M PIPES pH 6.3 and 125 pL 0.1
M CaCl,. Top up to 25 mL water once the Ficoll dissolved.

Wash buffer (WB)
Prepare fresh every time.

Stock | Final conc. | 1 mL
10X SB | 10X 1X 100 pL.
10X PI | 1X 1X 100 pL.
HO | -- -- 800 uL.
NIB buffer
Prepare fresh every time.
Stock | Final conc. | 1 mL
10X SB | 10X 1X 100 pL.
10X PI | 10X 1X 100 pL.
Sucrose | 2M 1.2M 600 puL
HO -- 200 uL

Dig-Wash buffer (DW)
Prepare fresh every time. DW can be stored overnight at 4 °C.

Stock Final conc. | 50 mL
10X SB | 10X 1X 5 mL
10X PI | 10X 1X 5mL
Digitonin | 5% (w/v) | 0.02% (w/v) | 200 puL
H>O -- To 50 mL

Bead-binding buffer
Store at 4 °C for up to 6 months.

Stock Final conc. | 50 mL
HEPES-KOHpH 7.9 | I M 20 mM 1 mL
KCl | 2M 10 mM 250 L
CaCl; | 0.1 M 1 mM 500 pL
MnCL | 1M 1 mM 50 uL.
HO | -- -- 48.2 mL

Pre-block buffer
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Prepare fresh every time.

Stock Final conc. | 1 mL
10X SB | 10X 1X 100 uL
10X PT | 10X 1X 100 puL
Digitonin | 5% (w/v) | 0.02% (w/v) | 4 uL.
EDTA | 0.5M 2 mM 4 uL
BSA | 20% (w/v) | 3% (wW/v) 150 pL
H>O -- - 642 ulL
Block buffer
Prepare fresh every time. Can be stored overnight at 4 °C.
Stock Final conc. | 2 mL
10X SB | 10X 1X 200 uL
10X PT | 10X 1X 200 puL
Digitonin | 5% (w/v) | 0.02% (w/v) | 8 uL.
EDTA | 0.5M 2 mM 8 uL
BSA | 20% (w/v) | 0.1% (w/v) | 10 uL
H,O | -- -- 1574 pL.
2X STOP buffer
Stock Final conc. | 1 mL
NaCl | 5M 150 mM 30 uL
EDTA | 0.5 M 20 mM 40 ul
EGTA | 02 M 4 mM 20 ulL
Digitonin | 5% (w/v) | 0.02% (w/v) | 4 uL.
RNase A | -- -- 5uL
Spike-in DNA | 10 pg/mL | 10 pg/uL 1 puL
H>O - -- 900 puL

Nuclei isolation

The protocol is a combination from Flor-Parra ef al. 2014 and Orsi et al. 2015. First the protoplast is
prepared using lallzyme; protoplasts are then subjected to a hypotonic shock to lyse the plasma
membrane. A simple sucrose gradient then removes the debris to yield relatively clean nuclei. The
following protocol describes the preparation of nuclei from 500 mL of culture. Depending on the
sensitivity required 10 mL worth of cell is enough for a single CUT&RUN experiment. The protocol
can be scaled up or down as suitable.

Inoculate from an overnight culture and grow S. pombe until mid-log phase.

Harvest the cells by centrifugation, and wash twice in 15 mL of SCS buffer.

Resuspend the cells in 25 mL of SCS buffer supplemented with 2.5 g of lallzyme (0.1g/mL).
Incubate at RT, checking under light microscope until >90% of cells become rounded (for WT this
typically equals 15-20 minutes).

5. Harvest the cells and wash once with 15 mL of SCS buffer.

e From this point onwards everything should be kept on ice if possible.

B d -
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6. Wash once with 25 mL cold SPC+P1i buffer.

7. Resuspend the pelet in 0.5 mL SPC buffer without protease inhibitor.

8. Addto 25 mL cold Ficoll buffer, mix by inverting up and down a few times.

9. Centrifuge 10 min at 7,500 x g at 4°C.

10. Wash the pellet with 10 mL of cold SPC+Pi buffer.

11. Centrifuge 10 min at 4,200 x g at 4°C.

12. Repeat step 10 — 11 for a total of two washes.

13. Resuspend the pellet in 5 mL of cold SPC+Pi buffer.

14. Aliquot as desired and snap-freeze in liquid N». The nuclei can be stored indefinitely at -80°C.

Note: at this point the nuclei are still “crude nuclei”, contaminated with cellular debris. To allow for
efficient binding to concanavalin-A beads one must perform a sucrose gradient centrifugation to isolate
the nuclei from the debris. This can be done before or after snap-freezing. The protocol here performs
such clean-up post-freezing in a smaller scale.

S. pombe CUT&RUN with nuclei
Based on observation, 20 pL of bead slurry is sufficient for binding nuclei isolated from 10 mL of
culture. One should expect clear supernatant (tiny loss of material is acceptable) and flaky bead when

binding is successful. The protocol largely follows the original CUT&RUN protocol (Skene & Henikoff,
2017) so modifications can be made as necessary (e.g., optimizing salt condition for diffusion of large
complexes).

Part 1: Nuclei clean-up
e Note: This can also be done before snap-freezing the nuclei.
e For convenience this protocol uses 2 mL tube in a fixed angle table-top refrigerated centrifuge
for sucrose gradient. 50 mL of culture worth of nuclei can be processed per 2 mL tube.

1. Thaw an aliquot of nuclei on ice, and spin at 4,000 x g for 3 min.

2. Remove supernatant and resuspend in 500 pL of cold WB.

3. Transfer the cells in WB to an empty 2 mL tube. Add 1 mL of cold NIB from the bottom so the cell
suspension is on top of the NIB.

4. Centrifuge 15 min at 12,000 rpm at 4 °C.

e It’s a good time to prepare the beads while the nuclei are in centrifuge (see below).

5. After the centrifugation, a sticky white mess should be deposited onto the side of the tube, and
semi-transparent nuclei should be pelleted. Carefully remove as much white mess as and remove
all supernatant. Resuspend the pellet in an appropriate amount of cold DW.

e For each separate CUT&RUN experiment cells are resuspended in 200 pL. If a tube of nuclei
is to be used for 5 CUT&RUN experiments one can resuspend the pellet in 1 mL of DW.

Part 2: CUT&RUN reaction
e Note: Before the addition of primary antibodies every step should be performed at room
temperature.

1. Activate the beads — beads can be prepared in bulk.
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i.  Resuspend the Concanavalin-A beads by pipetting or gently flicking the bottle. Transfer
an appropriate amount into a DNA LoBind tube.
e For example, if 5 CUT&RUN reactions each with 10 mL culture worth of nuclei,
take 100 pL of beads.
ii.  Transfer to a magnetic rack and remove the storage buffer.
iii.  Resuspend in 1 mL of Bead Binding buffer.
iv.  Clear in a magnetic rack and remove the supernatant.
v.  Repeat steps iii-iv twice for a total of three washes.
V1. Resuspend the beads in DW, same volume as the amount being taken.
e For example, resuspend 100 pL of beads with 100 uL of DW.

2. Binding the cells to beads:
i.  Add an appropriate amount of activated beads to an appropriate amount of cells. See above
for reference.
ii.  Rotate at RT for > 5 minutes.
e Usually 10 — 15 minutes is sufficient. The beads should start to clump and form
distinct particles or flakes.
iii.  Quick spin and stand to clear in a magnetic rack and remove the supernatant.

3. Preparation of nuclei for primary antibodies:
i.  Resuspend the beads gently in 1 mL of Pre-Block buffer.

e From here onwards, since the nuclei are bound to the beads they will inevitably
look flaky. There is no need to resuspend into fine particulate; breaking the large
clumps into multiple smaller flakes is sufficient for efficient diffusion of antibodies.

ii.  Rotate at RT for 5 minutes.
iii.  Quick spin and stand to clear in a magnetic rack and remove the supernatant.
iv.  Repeat step i —iii, this time using 1 mL of Block buffer.

v.  Resuspend the beads in 200 pL of Block buffer.

vi.  Transfer to a 0.2 mL PCR tube.

e  Since the beads will be rotated overnight, keeping the suspension in a small volume
prevents the beads from getting stuck in places where the buffer could not reach.

4. Add 1 pL of primary antibody for a 1:200 dilution. Mix by pipetting gently. The amount of
antibodies added can be modified as needed.
e The amount of primary antibody to cells is the most variable step in the current protocol,
and needs to be optimized for every antibody.
5. Rotate overnight at 4°C.
6. The next day, quickly spin the tubes and transfer the bead suspension to a 1.5 mL DNA LoBind
tube.
7. Binding of pAG-MNase:
i.  Stand to clear in a magnetic rack and remove the supernatant.
ii.  Wash the beads by gently resuspending in 1 mL of DW buffer.
iii.  Repeat the wash with DW buffer for a total of 2 washes.
iv.  Resuspend the beads in 50 pL Block buffer.
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v.  Add 1.5 pL of pAG-MNase. Mix by gently pipetting.
Vi. Transfer to a new DNA LoBind tube, incubate at 4°C for 1 hour with rotation.
e Transferring to a new tube allows the liquid to stay in the bottom of the tube
through surface tension, so no clumps get stuck at the side of the tube.
e While the tubes are incubating, prepare the 2X STOP buffer and chill that and
0.1IM CaCl; on ice.
8. Quickly spin down and stand to clear in a magnetic rack.
9. Remove the supernatant and wash twice with 1 mL DW buffer.
10. Resuspend the beads in 150 pL. DW buffer.
11. Place on ice for at least 2 min to chill to 0°C.
12. Add 3 pL of cold 0.1M CaCl,, mix by gently pipetting or flicking
13. Incubate at 4°C for 30 minutes, flicking occasionally.
14. After 30 minutes, stop the reaction by adding 150 pL 2X STOP buffer. Mix by pipetting gently.
15. Release the cleaved fragment by incubating at 37°C for 10 minutes.
16. Centrifuge 4,000 x g at 4°C for 3 minutes.
17. Place the tubes on a magnetic rack and stand to clear. Transfer the supernatant to a clean 2 mL
DNA LoBind tube.
e 2 mL tube is used because Zymo Research’s ChIP DNA Clean and Concentrator
kit requires adding 5x volume of binding buffer.
18. Add 1.5 pL of 20% w/v SDS and 2 pL of proteinase K. Incubate at 70°C for 10 minutes.
19. Clean up the DNA using Zymo Research’s ChIP DNA Clean and Concentrator. The eluted DNA
can be used to prepare sequencing libraries.

6.3 Results and Discussion

We decided to replicate the MapR experiment in a small-scale sequencing experiment using
HeLa cells. We compared our MapR results with that performed in the original publication that used
HEK293 cells, which showed promoter-proximal R-loops at the GBAPI locus (Fig. Sla, top panel).
Our sequencing run yielded a better signal-to-noise ratio, as well as very clear enrichment of R-loops
at the promoters (Fig. Sla, bottom panel). Given the positive results, we proceeded to generating

Dicer1™ cells for MapR.

Full Dicer knockout is lethal in mammals, and we used an OHT-inducible knockout Dicer™™
mESC cell line. After 8 days of OHT treatment, the cells adopted abnormal morphology just as the
Dgcr8” cells (Fig. S1b), and began to lose viability (Fig. S1c). We confirmed the knockout by Western

blot (Fig. S1d) and performed MapR as described above. Unfortunately, the read depth obtained for
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this pilot study was insufficient for analyzing the effect of Dicer knockout on R-loop dynamics at
various gene features. Nevertheless, we observed a clear enrichment of R-loops at the pericentromeric
repeats (Fig. Sle). In one replicate of Dicerl knockout, there appeared to be a slight increase in the
overall level, although further experiment is required to verify the results. When aligning to all genes,
we obtained a very clear enrichment of R-loops accumulating at the TSS over negative control (Fig.
S1f), as expected. Surprisingly, we did not detect any R-loops accumulating around TTS (Fig. S1g), as
previously reported in HeLa cells (Hatchi et al., 2021). While the insufficient read depth could be an
explanation, we also speculate this might be due to that R-loops at TTS being less efficiently captured

by MapR.

In parallel, I also made an effort into developing a working CUT&RUN protocol in S. pombe,
so that MapR could be performed. During testing, we realized that enzymatic treatment to digest the
cell wall of S. pombe, while allowing antibodies to enter cells, rendered the cells incapable of binding
to Concanavalin-A beads. In S. cerevisiae, CUT&RUN was performed after nuclei extraction (Brahma
and Henikoff 2019), but an efficient nuclei extraction protocol in S. pombe suitable for sequencing was
lacking. I therefore decided to optimize such a protocol, and for this, I combined a protoplasting
protocol using Lallzyme (Flor-Parra et al. 2014), nuclei extraction using mild hypotonic shock (Orsi et
al. 2015), followed by nuclei clean-up using a simple fractionation (adopted from an in-house protocol,
which was modified from Keogh et al. 2006). The resulting nuclei were relatively clean and could then

be bound onto Concanavalin-A beads for CUT&RUN (Methods).

I performed a MNase experiment on digitonin-permeabilized nuclei to test whether they were
suitable for CUT&RUN based experiment. As shown (Fig. S2a), the no enzyme control (NE) showed
that the DNA was mostly high molecular weight, meaning the nuclei extraction process did not damage
the chromatin. When MNase was added and activated, a characteristic nucleosome ladder was observed.
With this, we proceeded to performing several test-runs of CUT&RUN. We first tested with an antibody
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against pS5 of Pol II, which is known to be enriched in Pol II early in the transcription cycle (Eick and
Geyer 2013). We tested the sensitivity of the protocol using nuclei from 10 mL and 1 mL worth of log-
phase cells. While in no enzyme control we did not detect any substantial enrichment over the bottom
10% or top 10% expressed genes, we detected enrichment over the gene body in top 10% expressed
genes when the a-pS5 antibody was used (Fig. S2b,c). Strikingly, we observed a better enrichment
when 10 times less nuclei were used, suggesting that a careful titration of antibody to nuclei was needed
for the CUT&RUN protocol. We also tested our protocol with histone H3 and H3K9me2 antibodies
(Fig. S2d), and observed a clear enrichment of H3K9me?2 at the centromere (Fig. S2d, left) but not at

any random genomic loci (Fig. S2d. right).

Overall, we have developed a working CUT&RUN protocol, but we noted the protocol is far
from optimized. First, careful titration of antibody to nuclei is required, which sometimes requires
substantial amount of testing. Second, the signal to noise ratio is still suboptimal compared to what has
been achieved using mammalian cells; this might be due to contamination from cellular debris or lysed
nuclei arising during the experimental procedure, or could be from non-specific binding of the antibody.
Third, as the protocol was assembled from several other methods, and future optimization will test

whether this can be further simplified, streamlining the experimental procedure.
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Figure S1. MapR in HeLa and mESCs

(a) Example genome browser view comparing the MapR experiment in Yan et al., 2019 using HEK293
cells, and our pilot study using HeLa cells. Note the peaks at the TSSs of MTX1 and GBAPI showing
reproducible results.

(b) Representative images of Dicerl”", Dger8”", and WT mESCs.

(c) Viability counts of mESCs of various genotypes at the time of harvest. Error bars represent SEM.
(d) Western blot showing successful knockout at respective genotypes. Global H3K9me3 level
remained unchanged. Tubulin was used as loading control.

(e) Genome browser view of a region of the mouse pericentromeric region at chromosome 9 (~3,000-
3,005kb; GSAT mm)

(f,g) Heatmap and mean normalized mapR signal of all annotated transcripts, centered to (f) TSS and
(g) TTS with 3kb upstream and downstream, in various genotypes. ARH: MapR experiment using GST-

RHA-MNase; -ve: negative control using GST-MNase. Values represent noralized read count (CPM).

Tissue culture for HeLLa and mESC, viability assay, and Western blot were conducted by Joshua

Steinberg.
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Figure S2. Optimization of CUT&RUN in S. pombe

(a) MNase activity assay on digitonin permeabilized S. pombe nuclei. Cells from 0.5 L of culture were
prepped into nuclei and snap-frozen into 10 aliquots. For MNase activity assay, 1 aliquot was thawed
on ice and resuspended in 160 pL of freshly prepared dig-wash buffer (20 mM HEPES pH 7.5, 150
mM NacCl, 2 mM CaCl,, 0.5 mM spermidine, 0.02% w/v digitonin). MNase purified in-house was
added to a final concentration of 1.5 pM, and the reaction was incubated at 37 °C. At 0, 10, 30 minutes,
25 uL of the reaction was mixed with an equal volume of 2X STOP buffer (150 mM NaCl, 20 mM
EDTA pH 8.0, 4 mM EGTA pH 8.0, 2% w/v SDS) prechilled on ice. The reactions were then treated
with 2 pL 10 mg/mL RNase A at 37 °C for 15 min and DNA was extracted using PhChl.

(b,c) Heatmap and mean normalized CUT&RUN signal of (b) bottom 10% expressed genes and (c) top
10% expressed genes for no enzyme (NE) control, CUT&RUN performed with 10 mL and ImL cell
culture worth of nuclei against a-pS5 antibody targeting Pol II.

(d) Genome browser view of S. pombe chromosome III centromere (left), and a random region (right)

of CUT&RUN performed in WT cells using anti-histone H3 (a-H3), anti-H3K9me2, or NE control.
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Chapter 7: Appendix 2 — supplementary tables

Table S1 — List of strains used in this study

Strain Mating | Genotype Reference Use
name type
BROO h- 972 WT
BRS1 h+ WT
BR245 h- derl-5 (D908A, D1127A) Roche et al., | Fig. 4.3
2016
BR370 | h- derlA::hphMX Roche et al., | Fig.3.3a
2016
BR371 h+ derlA::hphMX Roche et al, | Fig. 3.2¢,d;
2016 3.4e
CCl11 derlA::hphMX senlA::kanMX This study Fig. 3.2c
CC15 derlA::hphMX dbISA: :kanMX This study Fig. 3.2d
FY2317 | h+ leul-32::[hENTI leul+] his7-366::[hsv-tk his7+] | Hodson et al., | Fig. 4.6
ura4-D18 ade6-M210 2003
RMS52 h+ ade6-DN/N,leul-32,ura4- Sonali Fig. 3.1b,c
DS/E,imrlL::ura4+,otrlR::ade6+, hphMXo- Bhattacharjee
purgl-3FLAG-dcrl
TC45 h- derl-K38R::hphMX This study
TC48 h- derl-K38A::hphMX This study
TCI1 h+ rnhiA::hphMX This study Fig. 3.1d;
3.10b
TC92 h+ rnhiA::hphMX This study Fig. 3.1d,gh;
3.2a
TC94 h+ rnh201A: :natMX This study Fig. 3.1d;
3.10b
TC95 h+ rnh201A: :natMX This study Fig. 3.1d,gh;
3.2a
TC98 h+ hphMX-:pnmtl-rnhl This study Fig.3.2a
TC119 h- derl-K38R::hphMX This study
TC123 h- derl-K38A::hphMX This study
TC127 h+ rnhiA::hphMX rnh2014: :natMX This study Fig. 3.1d
TC128 h+ ruhlA::hphMX rnh201A: :natMX This study Throughout
TC131 h+ mat1PA17:LEU2 ura4-DS/E ade6-DN/N leul-32 This study Fig. 4.2a
otrlR(Sphl)::ade6+ imriL(Ncol): :ura4+
rad5 1A: :kanMX
TC151 h- derl-K38R::hphMX This study
TCI155 h- derl-K38A::hphMX This study
TC167 h+ derlA::kanMX This study Fig. 3.1d
TC168 h+ derlA::kanMX This study Throughout
TC171 h+ ruhlA::hphMX derlA: :kanMX This study Fig. 3.1d
TC172 h+ ruhlA::hphMX derIA::kanMX This study Fig. 3.1d,g,h;
3.2a
TC175 h+ rnh201A: :natMX deri A: :kanMX This study Fig. 3.1d
TC176 h+ rnh201A::natMX deriA: :kanMX This study Fig. 3.1d,gh;
3.2a
TC180 hphMX::pnmtl-rnhl derid::kanMX This study Fig.3.2a
TC187 h+ rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig. 3.1d
TC188 h+ rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Throughout
TC207 h- derl-K38R::hphMX This study
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TC211 h- derl-K38A::hphMX This study

TC255 h- derl-K38R: :hphMX This study Fig. 4.1d

TC256 h- dcrl-K38R: :hphMX This study Fig. 2.3c;

4.2ah; 4.3
TC271 h- derl-K38A::hphMX This study Fig. 4.1d
TC272 h- derl-K38A4: :hphMX This study Fig. 2.3c;
4.2ah; 4.3

TC277 h- derlA::hphMX This study Fig. 4.1d

TC304 h- derl-APAZ: :hphMX This study Fig. 4.1d

TC307 h- derl-ADUF: :hphMX This study Fig. 4.1d

TC320 h+ rnh201A: :natMX derl-K38R::hphMX This study Fig. 4.3

TC323 h- rnh201A: :natMX derl-K384.:hphMX This study Fig. 4.3

TC326 h- rnhiA::kanMX derl-K38R::hphMX This study Fig. 4.3

TC329 h+ rnhiA::kanMX derl-K384.::hphMX This study Fig. 4.3

TC332 h+ rnhiA::kanMX rnh201A: :natMX dcr1- This study Fig. 4.3
K38R::hphMX

TC335 h+ rnhiA::kanMX rnh201A: :natMX dcri- This study Fig. 4.3
K384::hphMX

TC338 h+ ruhlA: kanMX der1-APAZ: :hphMX This study Fig. 4.3

TC342 h+ rnh201A::natMX deri-APAZ: :hphMX This study Fig. 4.3

TC344 h+ ruhlA:kanMX rnh201A: :natMX dcrl- This study Fig. 4.3
APAZ::hphMX

TC347 h+ ruhlA:kanMX der1-ADUF: :hphMX This study Fig. 4.3

TC351 h+ rnh201A::natMX dcr1-ADUF: :hphMX This study Fig. 4.3

TC352 h+ ruhlA:kanMX rnh201A: :natMX dcrl- This study Fig. 4.3
ADUF::hphMX

TC372 h- dcri-AHel::hphMX This study Fig. 4.3

TC375 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig.3.3a
thpl-D156Y

TC378 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig.3.3a
med31-ins

TC381 h- derl-AC103::hphMX This study

TC416 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig.3.3a
Hs1A: :kanMX

TC419 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig.3.3a
mst2A: :kanMX

TC422 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig.3.3a
fepl-Y580%*: :kanMX

TC441 h- clr2-T497N: :kanMX This study Fig. 2.1e

TC445 h- pafl-D65N: :kanMX This study Fig. 2.1d

TC459 h- top1-W647*: :kanMX This study Fig. 2.1c

TC495 h- clr2-T497N: :kanMX rnhlA::hphMX This study Fig. 2.1e
rnh201A4: :natMX

TC497 h- clr2-T497N: :kanMX dcriA: :kanMX This study Fig. 2.1e

TC498 h- clr2-T497N: :kanMX dcriA::kanMX rnhlA::hphMX | This study Fig. 2.1e
rnh201A4: :natMX

h- pafl-D65N: :kanMX rnhi1A::hphMX This study Fig. 2.1d
TC502 rnh201A4: :natMX
TC505 h- pafl-D65N: :kanMX dcriA::kanMX This study Fig. 2.1d
h- pafl-D65N: :kanMX dcriA::kanMX This study Fig. 2.1d

TC508 rnhiA::hphMX6 rnh201A4::natMX6

TC526 h- top1-W647*: :kanMX rnhiA::hphMX This study Fig. 2.1c
rnh201A4: :natMX

TC529 h+ top1-W647*: :kanMX dcriA: :kanMX This study Fig. 2.1c
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TC530 h- top1-W647*: :kanMX dcriA::kanMX This study Fig. 2.1c
ruhlA::hphMX rnh201A: :natMX
TC532 h+ tf51A: :kanMX This study Fig. 3.3b
TC534 h+ rnhiA::hphMX rnh201A4: :natMX tfs1A: -kanMX This study Fig. 3.3b
TC536 h- deriA: kanMX tfs1A. - kanMX This study Fig. 3.3c
TC537 deriA: kanMX tfs1A. - kanMX This study Fig. 3.3b
TC539 h- rnhiA::hphMX rnh2014::natMX dcriA::kanMX This study Fig. 3.3c
tf51A: :kanMX
TC540 h- rnhiA::hphMX rnh2014::natMX dcriA::kanMX This study Fig. 3.3b
tf51A: :kanMX
TC564 h- med20A: :kanMX This study Fig. 2.3c;
3.5¢; 3.10d;
4.2h
TC571 h+ med20-1 This study Fig. 3.5
TC572 h- epl1-T4494 This study Fig. 2.5b
TC575 h- derlA::kanMX med20-1 This study Fig. 3.5
TC579 h- ruhlA::hphMX rnh201A: :natMX med20-1 This study Fig. 3.5
TC583 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig. 3.5f
med20-1
TC587 h- derlA::kanMX epli-T449A4 This study Fig. 2.2b
TC591 h- rnhIA::hphMX rnh201A: :natMX epll-T4494 This study Fig. 2.2b
TC595 h- rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig. 2.2b
epl1-T4494
TC607 h- rnhIA::hphMX rnh201A: :natMX derl A:-hphMX This study Fig. 3.4b
TC608 h+ rnhIA::hphMX rnh201A: :natMX derl A:-hphMX This study Fig. 3.5¢
TC621 h+ derlA::hphMX med20A: :kanMX This study Fig. 2.3c;
3.5¢; 3.10d;
4.2h
TC622 h+ ruhlA::hphMX rnh201A: :natMX med20A: :kanMX | This study Fig. 3.5¢
TC624 h+ rnhIA::hphMX rnh201A: :natMX derl A::hphMX This study Fig. 3.5¢
med20A::kanMX
TC644 h+ rpbl1-T481K: :kanMX6 This study Fig. 2.3b; 3.4a
TC648 h+ tfa2-L238*: :kanMX This study Fig. 2.3a; 3.4a
TC649 h+ rnhIA::hphMX rnh201A: :natMX rpb1- This study Fig. 2.3b; 3.4a
T481K: :kanMX6
TC652 h+ derlA::hphMX rpb1-T481K: :kanMX6 This study Fig. 2.3b; 3.4a
TC653 h+ rnhIA::hphMX rnh201A: :natMX derl A::hphMX This study Fig. 2.3b; 3.4a
rpb1-T481K: :kanMX6
TC654 h+ ruhlA::hphMX rnh201A: :natMX tfa2- This study Fig. 2.3a; 3.4a
L238*::kanMX
TC657 h+ derlA::kanMX tfa2-L238*: ‘kanMX This study Fig. 2.3a; 3.4a
TCo661 h- agolA::hphMX This study Fig. 3.10
TC665 h+ rnhIA::hphMX rnh201A: :natMX derl A: :kanMX This study Fig. 2.3a; 3.4a
tfa2-L238*: :kanMX
TC666 h- agolA::hphMX med20A::kanMX This study Fig. 3.10d
TC669 h- dcrlK38R::hphMX med20A: :kanMX This study Fig. 2.3c; 4.2h
TC672 h- derlK384::hphMX med20A: :kanMX This study Fig. 2.3c; 4.2h
TC673 h- senlA::kanMX This study Fig. 3.2¢
TC677 h- dbISA: :kanMX This study Fig. 3.2d
TC727 h+ leul-32::[hENTI leul+] his7-366::[hsv-tk his7+] | This study Fig. 4.6
ura4-D18 ade6-M210 dcriA::hphMX
TC730 h+ rnhiA::kanMX agolA::hphMX This study Fig. 3.10c
TC733 h- rnh201A::natMX agolA::hphMX This study Fig. 3.10c
TC736 h- rnhiA::kanMX rnh201A: :natMX agolA::hphMX This study Fig. 3.10c,d
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TC748 h+ leul-32::[hENTI leul+] his7-366::[hsv-tk his7+] | This study Fig. 4.6
ura4-D18 ade6-M210 rnhiA::kanMX
rnh201A: :natMX
TC750 h+ leul-32::[hENTI leul+] his7-366::[hsv-tk his7+] | This study Fig. 4.6
ura4-D18 ade6-M210 rnhiA::kanMX
rnh201A: :natMX deriA::hphMX
TC752 ruhlA::hphMX dcerl-5 This study Fig. 3.3
TC753 rnh201A::natMX deri-5 This study Fig. 3.3
TC755 ruhlA::hphMX rnh201A: :natMX derl-5 This study Fig. 3.3
TC757 h+ agolA::hphMX rnhlA::hphMX rnh201A4: :natMX This study Fig. 3.10c
deriA: :kanMX
TC759 h- rpb2-R1118H: :kanMX This study Fig. 3.4e
TC761 h- rnhiA::hphMX dcril-AHel::hphMX This study Fig. 3.3
TC763 h+ rnh201A::natMX deri-AHel::hphMX This study Fig. 3.3
TC765 h- ruhlA::hphMX rnh201A: :natMX dcrl- This study Fig. 3.3
AHel::hphMX
TC767 rnhiA::hphMX rnh201A: :natMX rpb2- This study Fig. 3.4e
RI118H: :kanMX
TC777 h- derlA::hphMX rpb2-R1118H: :kanMX This study Fig. 3.4¢
TC779 h+ ruhlA::hphMX rnh201A: :natMX derl A::hphMX This study Fig. 3.4¢
rpb2-R1118H: :kanMX
Table S2 — List of primers used in this study
Name Sequence (5'-3") Use
Agol-InF1 CAGCATCGCAATAATGTCGG KO genotype
Agol-InR1 GCCCAAGATCTAATAGGAGC KO genotype
Clr2 L6 CAGTTAATCTGCTGCCCAACATTG CIr2-T497N cassette
Clr2 L7 AACGTGGAACCTATTTGGTATCTTCC CIr2-T497N cassette
CIr2 L8 TAATTAACCCGGGGATCCGTCGACCCCTATCTTTCTCTG | Clr2-T497N cassette
TAATTTATGAAATGCAAAAG
Clr2 L9 AAACGAGCTCGAATTCATCGATGATAAACTATTTGTGT | CIr2-T497N cassette
TGAATTAGAGATGGGATATA

CIr2_T497N_F
CIr2_T497N R

Clr2-T497N- TGAGCCTTGGTTCGTAAAAGGAGATTTAAATTAGA Clr2-T497N dCAPs

dCAPs-F

Clr2-T497N- ATTTCAGACAGTAAATATTCATAAAAATCGTCATCG Clr2-T497N dCAPs

dCAPs-R

Cull_A3 GCTCGACCAAAACTGCAGTGAGGATATC Cull-R330 dCAPs;
Sphl cuts WT

Cull- CCTGATCTCTTGACAAACTCCTCAAATGCATG Cull-R330 dCAPs;

R330syn dCAP Sphl cuts WT

s

Dbl8 InF1 GGCTCAAGTGAAAAGTGCCG Dbl8 KO genotype

Dbl8 InR1 GACGCGTTACATTGGCATCC Dbl8 KO genotype

Dbl8 L1 AATCACAAACTTCGGATTATAATGGG Dbl8 KO cassette

Dbl8 L2 TAATTAACCCGGGGATCCGTCGACCTGATGTCCACACA | Dbl8 KO cassette

AGGAGATTTAAATTACAATTCAGAAGTGAAAGAAC
GTTCTTTCACTTCTGAATTGTAATTTAAATCTCCT

GCACTCG
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Clr2-T497N cassette
Clr2-T497N cassette



Dbl L5

Dbl8 L6
Dcrl Al4

Dcrl A4

derl delta hel
1F

derl delta hel
1R
Decrl_deltaDUF
_1F
Decrl_deltaDUF
1R

Dcrl _deltaPAZ
_1F

Dcrl _deltaPAZ
1R

Dcrl K38A F

Dcrl K38A R
Dcrl K38R F
Dcrl K38R R
Dcrl L10

Derl L7

Dcrl L8

Dcrl 19

Decrl-InF1

Decrl-InR1

Dcrl-K38R/A-
dCAPS

Erd101_A3

Erd101-
D176A dCAPs
Kapl13 A3

Kap113-
intl dCAPs
Med20_A3

AAACGAGCTCGAATTCATCGATGATAAGCCGATTTAGG
TTTTAGTATGAG
AGAATATACTGGTGCATTTGTCCTG

GAATGGATATTTCAAGTTTTCTACTTCC

GGAATGAATGAGCTTGTACAAACAC

GAATGGATATTTCAAGTTTTCTACTTACTGATGATATCG
TCTATGAAG
CTTCATAGACGATATCATCAGTAAGTAGAAAACTTGAA
ATATCCATTC
GTTTGTCTATAAGACCCATACGAATCAGACTAACTGCA
TACAACCC
GGGTTGTATGCAGTTAGTCTGATTCGTATGGGTCTTATA
GACAAAC
GGCGACCAATAAGTTTTCAATATGTAATTTAAAAAAAT
TTTGGATAGTGTCAAC
GTTGACACTATCCAAAATTTTTTTAAATTACATATTGAA
AACTTATTGGTCGCC
GTAATGTCGCACCAGCGCCCGTTCTC

GAGAACGGGCGCTGGTGCGACATTAC
GTAATGTCCTACCAGCGCCCGTTCTC
GAGAACGGGCGCTGGTAGGACATTAC
TATGAACGATATCGTAGAGAGCAGC

TAATTAACCCGGGGATCCGTCGACCTTATGTTGTAAAA
AACTACCACCTAC

AAACGAGCTCGAATTCATCGATGATACGCACTTTAATA
AAAAATGATTAAACG

CCTATGTTCCGATAAGAGCAGGC

TCCGCAGATGTTAAAGCCTG

CCTACTCCTTACTGGCTTGC
TATCAACTTCACAGCAAGTAAGATC

TCAACGTGGGTTGAGGAAAAGC

AGTGCTTTAGCATATGATGTGAATATTTCAGAAACAAT
GATA
GCACGAGTTTTGGCAGTTATGC

AAAAAGTTGAAAATTCAAAAGATTTTGCTTTGATCGTC

TA
GCCAGCATGCTGGGATTAATGTTTTG
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Dbl8 KO cassette

Dbl8 KO cassette

Dcrl1-K38R/A
dCAPs; Bglll cuts
WT

Dcrl1-K38R/A
cassette
Dcrl-delta-Hel
cassette
Dcrl-delta-Hel
cassette
Dcrl-delta-DUF
cassette
Dcrl-delta-DUF
cassette
Dcrl-delta-PAZ
cassette
Dcrl-delta-PAZ
cassette

Dcrl-K38A cassette

Decrl1-K38A cassette
Decr1-K38R cassette
Decr1-K38R cassette

Dcrl-delta-PAZ
cassette
Dcrl-K38R/A, delta-
PAZ, and delta-DUF
cassette
Dcrl-K38R/A, delta-
PAZ, and delta-DUF
cassette
Dcrl-K38R/A, delta-
PAZ, and delta-DUF
cassette

KO genotype; Also
Dcrl-deltaDUF
cassette

KO genotype

Dcr1-K38R/A dCAPs
with DerlA14; Bglll
cuts WT

Erd101 dCAPs;
EcoRV cuts WT
Erd101 dCAPs with
A3; EcoRV cuts WT
Kap113 dCAPs; Xbal
cuts WT

Kapl13 dCAPs with
A3; Xbal cuts WT
dCAPs primer



Med20_A6

Med20 A7

Med20-
W37A _dCAPs3

Med20-
Y44S dCAPs3

p30 qPCR F
p30 qPCR R
p33 qPCR F
p33 qPCR R
Pafl D65N F
Pafl D65N R
Pafl InlR
Pafl L6

Pafl L8

Pafl L9

Pafl-D65N-
dCAPs-F
Pafl-D65N-
dCAPs-R
Pcs2 A3

Pcs2-3"utr-
dCAPs

pnmt1-AB
pnmtl-Rnhl
Pofl A3

Pof1-S449C-
dCAPs
Rnhl_InFl

Rnhl_InR1
Rnhl L1
Rnhl L2

CGGCAGTCCTTTACTATTGAAGGTT

CGACGGACTCAGTACCATCGTAA

TATTTCTTATGATTGATGATTTCAAGATCTAACTTTGAA
TTTCAGACATA

AAAAATTCTAAAGTTTTTGGAGTGACAGCATTTCCG

CCATATCAATTTCCCATGTTCC
CATCAAGCGAGTCGAGATGA
TATCCTGCGTCTCGGTATCC
CTGTTCGTGAATGCTGAGAAAG
GAATGCCGCTTAATTTGGCCGGAATAACTG
CAGTTATTCCGGCCAAATTAAGCGGCATTC
TTCAAGCCCTGTGCTATTGACATG
AAGCAACTTTATTTAGTTTTGGACATAACGC

AAACGAGCTCGAATTCATCGATGATAAGGTGATACAAT
CGACGCAAAATCC
TAATTAACCCGGGGATCCGTCGACCCGATGTTCACTCA
CTGTAGTCCAATTTC
ATCTCCTTCAAAAAATCCAGTTATTCCGGCGATAT

ATGCCTTACCAAATTTTGTATCAACTTTAGTTCAAG

ATAATTGTAAAAAATTTGTTCATGGCTCTATGTAAACT

ACTGGGTGTTGTAGTTCAAGCTGCTGTAAAAATACCTG
CA

AAACGAGCTCGAATTCATCGATGATATCGCCATAAAAG
ACAGAATAAGTC
GCACGCTTATTTCCACCCATGATTTAACAAAGCGACTA
TAAG

TCATACTTTCAGTGCTCATATTGGCCC

ATTTTTTCTTCTCGATGTCCCATTGCTTTATTGTGCCGTC
CAATGATCTA
GGAAGTCGCTACTCCTCGTC

ATTGCTGTCAGAGCGGATGG
AGAGGCCAACAGAGATGAGG

TAATTAACCCGGGGATCCGTCGACCCGGGTTTGCTTATT
TACTAGCTG

160

dCAPs primer with
Med20 A7 for
Med20-3; Dral cuts
WT

dCAPs primer with
Med20 A6 for
Med20-3; Dral cuts
WT

dCAPs primer with
Med20 A3 for
Med20-2; Ndel cuts
WT

dCAPs primer with
Med20 A3 for

Med20-1; BspEI cuts
mutant
RT-qPCR

RT-qPCR
RT-qPCR
RT-qPCR
Paf1-D65N cassette
Paf1-D65N cassette
Paf1-D65N cassette
Paf1-D65N cassette
Paf1-D65N cassette

Pafl-D65N cassette
Pafl1-D65N dCAPs
Pafl1-D65N dCAPs

Pcs2 dCAPs; Pstl cuts
mutant
Pcs2 dCAPs with
Pcs2 A3; Pstl cuts
mutant
Rnh1 Overexpression

Rnh1 Overexpression

Pof1-S449C dCAPs;
Xbal cuts WT
Pof1-S449C dCAPs;
Xbal cuts WT
Rnh201 KO genotype

Rnh201 KO genotype
Rnh1 KO cassette
Rnh1 KO cassette



Rnhl L5

Rnhl L6
Rnhl Pnmtl

Rnhl _qPCR_IF

Rnhl_gPCR 1
R
Rnhl-L7

Rnh201_InF1
Rnh201_InR1
Rnh201 L1
Rnh201 L2

Rnh201 L5

Rnh201 L6
Rpbl A3

Rpbl L10
Rpbl L7
Rpbl L8

Rpbl L9

Rpbl T481K _F

Rpbl_T481K _
R

Rpbl-

T481K dCAPs
Rpb2 L10
Rpb2 L7

Rpb2 L8
Rpb2 L9

Rpb2 RI118H_
dCAPs 1

Rpb2 R1118H
for

Rpb2 R1118H
rev

Rpp0_A3

Rpp0_A4

Senl InFl1
Senl InRI1

AAACGAGCTCGAATTCATCGATGATATTGAAAAGTATA
GATTCGGAGCTAAG
CTGTGAATGTTCGTTTCAAAACC

TATAGTCGCTTTGTTAAATCATGGGTGGAAATAAGCGT
GC
ACGGTCGTATGCTTTGCTTC

ACCTTTCACCTGATCCGACG

AACAACAAGGTGTATCCATCAAGG
TGTCGCTTACTGTCCAGTCG
CACTCGGTAGTTCGAGCGTC
CTTGTATGCAGGCTTCGATTGC

TAATTAACCCGGGGATCCGTCGACCAGCGGTACTACGG
TAAAACG
AAACGAGCTCGAATTCATCGATGATACATTGCTTCGTG
CTTTTGGA

CGAGATTCCACAACAAAGCGG

CACGAGTTTCTTCTGACTGAGGGACATGC

CCAAGGTAACGTTCTTAGAAGAAACAC
GATCTTTCTGCTGTATACAGGAATAAATTTATC

TAATTAACCCGGGGATCCGTCGACCGTGTACTAGCCAC
CCTGTGATAAAC
AAACGAGCTCGAATTCATCGATGATACCTATACTGACT
TTTCTGCACCGTG
CCGATTAAACTTGTCAGTTAAGTCTCCTTATAATGCTG

CAGCATTATAAGGAGACTTAACTGACAAGTTTAATCGG

GCCGTACTCGACATTCCGATTAAACTTGTTAATTA

CAAAGCGTGACGTTTCCACTCC
CCCGTTGAAACTCAACAATGCG
TAATTAACCCGGGGATCCGTCGACCGATCTTAAAGAAG
CTATCATTTATTTACATAAGC
AAACGAGCTCGAATTCATCGATGATACGATCATCCTTC
TGTATGTTCATGC
ACTCGTCAACCCGTTGAAGGCAGATCTAGAGATGGTGG
CGATC

GGTGGCCTTCACTTTGGAGAAATGG
CCATTTCTCCAAAGTGAAGGCCACC
CAAAGTAGCCTCGGAAGGACCA
CACTGGTATGGAACCCGGTAAGAC

AGGATCGCACCGTTACCTTC
GTCGCTCTTGTTGGCGTATC

161

Rnhl KO cassette

Rnhl KO cassette

Rnh1 Overexpression

RT-gPCR
RT-gPCR

Rnh1 Overexpression
Rnh201 KO genotype
Rnh201 KO genotype
Rnh201 KO cassette
Rnh201 KO cassette

Rnh201 KO cassette

Rnh201 KO cassette

Rpb1-T481K dCAPs;
Pacl cuts mutant
Rpb1-T481K cassette

Rpb1-T481K cassette
Rpb1-T481K cassette

Rpb1-T481K cassette

Rpb1-T481K cassette
Rpb1-T481K cassette

Rpb1-T481K dCAPs;
Pacl cuts mutant
Rpb2-R1118 cassette

Rpb2-R1118 cassette
Rpb2-R1118 cassette

Rpb2-R1118 cassette

Rpb2-R1118H
dCAPs with L8; Pvul
cuts WT
Rpb2-R1118 cassette

Rpb2-R1118 cassette

Rpp0 dCAPs with
A3; Kpnl cuts WT
Rpp0 dCAPs with
A4; Kpnl cuts WT
Senl KO genotype

Senl KO genotype



Senl L1
Senl L2

Senl L5

Senl L6
Tfa2 L10

Tfa2 1.238* F
Tfa2 1.238* R
Tfa2 L7

Tfa2 L8

Tfa2 L9

Topl L10
Topl L7
Topl L8

Topl L9

Topl W647* F

Topl Wo647*
R
Topl-W647%*-
dCAPs-F
Topl-W647%*-
dCAPs-R

TCGGTGAAACAACGTTTATTTGG

TAATTAACCCGGGGATCCGTCGACCCCAATGCTGACCC
TCTTTACTAG
AAACGAGCTCGAATTCATCGATGATAGTTGTACCACTA
AATACGCATC

TGGCCTTCTTCACCTATTATAGACTG

CAGCTTATTTGAATTCAAATGATGGAC
ACTTGGAAAATACGGTTAAAAGCCCACTAGCGTGG
CCACGCTAGTGGGCTTTTAACCGTATTTTCCAAGT
CTACTAACTAGCTCCCGTGGCC

AAACGAGCTCGAATTCATCGATGATAGTCGAAATAGAA
AGATCAGTTATGTATTGAAAGG
TAATTAACCCGGGGATCCGTCGACCGCACAAAAGGGA
AAGATAAGAATTTCTG
GCTATACCGGAACTTGTGCCAATCTG

CTGGTTCTTTAAAGCGTCGAGTATATC

TAATTAACCCGGGGATCCGTCGACCTTGTATATTGAATT
TGATGATCGTAACAGGC
AAACGAGCTCGAATTCATCGATGATAGCCAAGCTGCTG
CTTTTTTAATCTTTATAC
CATTACCGATTCATGAATCGTAAAACATC

GATGTTTTACGATTCATGAATCGGTAATG

TCTAGTTCGTAAAGTGTCTCGTGATGTTTTAGGAT

GGATGAGACTGCGAAAAATGATGC

Table S3 — Oligonucleotide sequences for biochemical assays

Senl KO cassette
Senl KO cassette

Senl KO cassette

Senl KO cassette

Tfa2 1.238* cassette
Tfa2 1.238* cassette
Tfa2 1.238* cassette
Tfa2 1.238* cassette
Tfa2 1.238* cassette

Tfa2 1.238* cassette

Top1-W647* cassette
Top1-W647* cassette
Top1-W647* cassette

Top1-W647* cassette

Top1-W647* cassette
Top1-W647* cassette

Topl-W647* dCAPs

Topl-W647* dCAPs

Name Sequence (5°-3°) Use
DNAI1 GGGTGAACCTGCAGGTGGGCGGCTGCTCATCG | Anneal with DNA2 for R-loops
TAGGTTAGTTGGTAGAATTCGGCAGCGTC
DNA2 GACGCTGCCGAATTCTACCAGTGCCTTGCTAG DNA:RNA and R-loops
GACATCTTTGCCCACCTGCAGGTTCACCC
RNA AAAGAUGUCCUAGCAAGGCAC Anneal with DNA2 for DNA:RNA and
R-loops
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